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Water is essential for human survival and vital to the sustainable development 
of human societies. However, the demand for water far exceeds its current supply and 
this can be attributed to a number of factors, including an increasing global population, 
water pollution, poor water management practices and the slow transfer of 
technological expertise to needy countries. In recent years, interests in augmenting 
water sources by using membrane separation techniques have increased remarkably in 
response to the issue of water scarcity. Membrane technology, especially reverse 
osmosis (RO), can in principle, produce high quality water that satisfies stringent 
regulatory and end-user standards. Its major weakness is the accumulation of 
biological contaminants on the membrane surface leading to membrane biofouling. 
Biofouling is strictly a surface-associated biofilm problem, but this is not adequately 
understood by membrane process operators. As a result, sub-optimal control measures 
formulated based on arbitrary and pragmatic considerations have been used in the 
mitigation of biofouling with varying degrees of successes. To achieve effective 
control of biofilm fouling, the mechanisms of biofilm formation in the membrane 
environment and the associated microbial community structure are carefully addressed 
in this thesis.  
 
As a first step, the biofilm community structure of several biofouled water 
purification membranes was characterized. Among them, a lab-scale RO membrane 
treating wastewater effluent from a bioreactor was investigated using a polyphasic 
approach combining molecular techniques and bacterial isolation. The dominant 
biofilm populations were found to be related to members of the order Rhizobiales, a 
 Summary 
 x
group of bacteria that is hitherto not implicated in membrane biofouling. DNA 
fingerprinting analyses using terminal restriction fragment length polymorphism (T-
RFLP) further demonstrated that Rhizobiales organisms were also dominant in two 
other biofilms recovered from full-scale membrane installations. This observation 
contrasted with previous findings based on cultivation approaches, which recovered 
bacteria related to Mycobacterium and Pseudomonas in membrane biofilms. Pure 
culture representatives were then characterized in terms of carbon substrate utilization 
patterns and nitrate/nitrite respiration. Cultivation in BIOLOG microplates revealed 
that most of the Rhizobiales isolates were metabolically versatile with a particular 
penchant for amino acid-type substrates. Nitrate respiration was detected in only five 
isolates related to Castellaniella Ochrobactrum, Stenotrophomonas and Xanthobacter. 
However, PCR amplification of nirK genes suggested that many of the Rhizobiales 
organisms including Bosea, Ochrobactrum, Shinella and Rhodopseudomonas could 
reduce nitrite under anoxic conditions. Taken together, these results suggest that 
Rhizobiales organisms are ecologically significant in the membrane biofilm 
community under both aerobic and anoxic conditions. 
 
To understand the mechanism involved in the formation of membrane biofilms, 
four bacterial isolates previously retrieved from a biofouled RO membrane treating 
potable water were examined. Biofilm formation on abiotic surfaces occurred with all 
four isolates, albeit to different extents, but could be correlated to one or more cell 
surface properties like hydrophobicity, surface charge and motility. Adhesion of 
Dermacoccus sp. RO12 and Microbacterium sp. RO18 was related to their high cell 
surface hydrophobicity. For the Rhizobiales isolate Rhodopseudomonas sp. RO3, 
cellular attachment was possibly mediated by its low surface charge as predicted by the 
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 xi
Derjaguin-Landau-Verwey-Overbeek (DLVO) theory. Swimming motility was not 
observed in most of the isolates, suggesting that swimming was not required for the 
initiation of contact between free-living microorganisms and the membrane surface. 
Sphingomonas sp. RO2 was motile by both twitching and swarming, which could be 
important in facilitating surface colonization. Biofilm formation of RO2 was further 
assessed on different RO membrane materials (cellulose acetate, polyamide and thin 
film composite), and compared to a control strain Pseudomonas putida OUS82. In 
contrast to OUS82, biofilm formation of RO2 occurred independently of membrane 
surface properties such as micro-roughness, hydrophobicity and charge. This was 
probably related to the large amounts of exopolysaccharides secreted by the RO2 
biofilm cells, which enabled this organism to effectively colonize RO membrane 
surfaces. 
 
A better understanding of community structure, ecological functions and 
biofilm formation characteristics of the biofouling populations can assist in the 
formulation of alternative biofilm control strategies, but appropriate biofilm monitoring 
techniques are also required for their timely implementation. Organic carbon content in 
the bulk solution has often been used as a surrogate measurement for biofilm formation 
potential, but this correlation is sometimes insufficient to describe the full extent of the 
in situ biofilm problem. Therefore, a biofilm monitoring technique using a system of 
submerged microtiter plates was developed for the rapid quantification of 
environmentally derived biofilms. To demonstrate the reliability of this technique, a 
biological filter (BF) was used to treat secondary effluent (SE) and the biofilms 
produced in microtiter plates submerged in the two wastewater streams were compared. 
Using this method, biomass accumulated in carbon-limited BF biofilms was observed 
 Summary 
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to be consistently lower than SE biofilms. Biofilms on glass slides were also collected 
from these two wastewaters in order to investigate the effect of organic carbon 
limitation on biofilm succession and community structure. Based on T-RFLP 
fingerprinting, a group of pioneer colonizers (possibly represented by Caulobacter and 
Sphingomonadaceae organisms) was initially observed in both biofilms, but differences 
in organic carbon content eventually led to the selection of distinct biofilm 
communities. Using fluorescence in situ hybridization, alphaproteobacterial organisms 
were enriched in SE biofilms, while Betaproteobacteria was found to be dominant in 
BF biofilms. 16S rRNA gene clone library analyses further demonstrated that low 
substrate conditions in the BF environment selected for organisms that were either 
metabolically versatile (e.g. Azospira, sphingomonands) or adapted for survival under 
low nutrient conditions (e.g. Aquabacterium, Caulobacter, Legionella). This suggested 
that carbon limitation strategies may not achieve adequate biofouling control in the 
long run.  
 
Given the drawbacks associated with organic carbon limitation strategies, other 
environmentally friendly measures are needed for biofilm control, especially with 
increasing criticisms over the indiscriminate use of potentially toxic bactericidal 
agents. The use of natural metabolites and non-toxic chemicals as alternatives in 
biofilm control is therefore desirable. The AiiA enzyme is a protein secreted by 
Bacillus sp. 240B1 that quenches acyl-homoserine lactones in bacterial quorum 
sensing (QS) processes. As QS has been linked to biofilm formation, the effectiveness 
of the AiiA enzyme was evaluated against Escherichia coli and four other strains of 
Pseudomonas. Under batch cultivation, 10-hour-old biofilms grown in the presence of 
AiiA enzyme at concentrations as low as 1.5 mg/L demonstrated significant reductions 
 Summary 
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in biomass compared to their untreated controls. However, when the incubation period 
was increased to 24 h or longer, the inhibitory effect was no longer apparent, as the 
enzyme was shown to be biodegraded. To overcome biodegradation, a continuous 
supply of AiiA enzyme at 10 mg/L was added to two Pseudomonas biofilms (strain 
B13 and OUS82) developed in microscopy flow cells. This strategy extended AiiA’s 
biofilm inhibitory efficacy to at least five days. Another non-toxic biofilm control 
agent is the titanium dioxide photocatalyst. Microplate-cultivated B13 and OUS82 
biofilms exhibited significant biomass reduction after treatment with UV-irradiated 
TiO2 at concentrations 0.1, 0.5 and 1.0 mg/mL. However, the photogenerated oxidants 
appeared to be diffusionally limited against biofilms because the biomasses remaining 
after treatment with either 0.1, 0.5 or 1.0 mg/mL TiO2 did not differ significantly from 
one another. This hypothesis was also partially supported by microscopic observations 
of flow cell-cultivated B13 biofilms, where UV-irradiated TiO2 failed to lead to the 
complete dissolution of microcolonial structures in some parts of the biofilm even after 
1 h of treatment. 
 Presently, the ubiquity and persistence of microbial biofilms have posed a 
unique challenge to membrane processes used in water purification and wastewater 
reclamation. This thesis therefore hopes to develop a more vigorous understanding into 
the community structure associated with membrane biofilms, their metabolic 
characteristics, and the mechanism of biofilm formation and development. For the 
management of membrane biofouling, a few novel biofilm monitoring and control 
strategies has also been demonstrated. At the same time, a potential flaw in the well-
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biofilms. Dead cells were found predominantly in the centre of 
microcolonies in the untreated biofilm (a). Treatment with UV-irradiated 
TiO2 led to the dissolution of microcolonies (white arrows) (b), although 
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some microcolonies could continue to persist in certain parts of the biofilm 
(c). The bar represents 10 µm in all images.............................................165 
 
Figure 7.7: Average percentage inactivation of B13 () and OUS82 (□) biofilms 
cultivated in microscopy flow cells for four days using different 
treatments. The percentage of dead biofilm cells in microcolony-dense 
areas of the B13 biofilm () is much lower than the corresponding average 
percentage inactivation. The standard deviations of B13 biofilms are 
represented by bars above the data points, while those of OUS82 biofilms 
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Water has always been a precious and strategic commodity. The flourish of ancient 
civilizations along the banks of great rivers bears testament to its crucial role in 
mankind’s survival and societal development. It is therefore ironic that while more 
than 70 % of the earth’s surface is covered with saline oceans, only a mere 0.3% is 
readily exploitable fresh water suitable for human consumption. Despite its limited 
availability, both water quality and quantity from the traditional sources have been 
tainted by a combination of water pollution, over-consumption and poor management 
practices, due largely to the unchecked effects of an expanding population and rapid 
urbanization [1]. According to recent World Meteorological Organization and 
UNESCO estimates, the world’s demand for water is growing three times as fast as the 
global population, and water shortages have become an increasingly serious problem 
in many parts of the world. Indeed, one in six persons in the world did not have access 
to safe drinking water in 2001, and this number is anticipated to rise to four in ten 
persons by the year 2050. These are somber figures and they highlight the need to 
search for alternative methods in the preparation of high quality drinking water. 
 
In recent years, interests in augmenting water resources using non-traditional 
sources (such as brackish water, municipal wastewater and seawater) for either direct 
or indirect potable reuse have increased remarkably in response to the issue of water 
scarcity [1]. This development is largely attributed to the advances in water 
purification membrane technology that address the limitations of conventional 
water/wastewater treatment processes, especially in the rejection of microbial 
pathogens, viruses and dissolved substances. Since its humble beginnings in the 1960s 
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[2], these membrane separation processes have been significantly improved through 
the development of more permeable membrane surface materials and the optimization 
of membrane packaging configurations [3], resulting in a substantial boost in 
membrane productivity and a concurrent reduction in permeate production costs [4]. 
The popularity and increasing acceptance of these membrane separation technologies 
is exemplified by the 15,000 seawater desalination facilities worldwide that are 
currently producing more than 13 Mm3 of potable water per day [5]. Indeed, some 
countries like Spain, Saudi Arabia and United Arab Emirates rely heavily on 
membrane purification of seawater for more than 70% of their water supply [5]. As a 
further signal of consumers’ confidence, increasingly larger capacity membrane 
treatment plants continue to be planned and constructed, such as the 270,000 m3/d 
facility in Orange County, California, the 270, 000 m3/d facility in Ashkelon, Israel 
[6], and the 380,000 m3/d facility for Sulayabia, Kuwait. 
 
While membrane separation processes, such as microfiltration (MF) and 
reverse osmosis (RO), are capable of delivering high quality water that meets the most 
stringent regulatory guidelines and end-consumer requirements, the major limitation 
lies in the deposition of unwanted materials on the membrane surface, or membrane 
fouling. Fouling is a severe operational problem in RO membranes and is known to 
contribute to loss in membrane productivity through reduction in permeate fluxes, 
increase in differential pressure, decreased salt rejections, and membrane degradation 
[7]. For systems operating with feed waters above 25oC, the fouling of membrane 
surfaces by biological contaminants, termed biofouling, becomes particularly 
important, as observed in those RO facilities in the Mediterranean region [8] and 




Membrane biofouling occurs when microorganisms accumulate on the 
membrane surface and proliferate as biofilms. The transition from planktonic cells to 
this sessile form of microbial life usually involves several stages including initial 
surface adhesion, microcolony formation, and the eventual maturation of 
microcolonies into an exopolysaccharide (EPS)-ensconced biofilm [10]. Unlike 
suspended growth in the liquid phase, living in surface-bound biofilms confers several 
advantages to the sessile microorganisms. Firstly, organic carbon and minerals tend to 
be concentrated on RO membrane surfaces due to the effects of concentration 
polarization, and can therefore serve as carbon and nutrient sources that promote 
bacterial growth as surface-associated biofilms. Further, biofilm bacteria demonstrate a 
marked increase in antimicrobial resistance for a variety of reasons, including the 
presence of a protective EPS barrier which substantially limits the diffusion of biocides 
and other disinfectants [11]. Additionally, the aggregation of microbial cells into 
biofilms places them in close juxtaposition, which can facilitate metabolic 
cooperativity in the form of cometabolic, synergistic and syntrophic relationships [12].  
 
The formation of membrane biofilms has been responsible for a number of 
operational inefficiencies in the RO system. Biofilms of thickness 10 to 100 µm has 
been attributed to create a considerable increase in membrane resistance, which results 
in a corresponding decline in permeate flux and salt rejection [13]. Besides the adverse 
effects on membrane productivity, MF membranes are also susceptible to bacteria 
penetration and can cause microbial contamination of the product water. In addition, 
the presence of biofilms can compromise membrane integrity through the 
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biodegradation of membrane material and lead to the ultimate failure of the membrane 
process [14].  
 
Considering the negative impacts associated with biofouling, effective biofilm 
control measures remain surprisingly limited. Currently, the most common control 
strategy for biofouling is membrane cleaning, which is achieved using a variety of 
mechanical (such as backwashing for MF membranes) and/or chemical methods. 
However, the restoration of membrane system performance using these control 
measures is often temporary [14], suggesting that these approaches have not been 
completely effective. For example, autopsies performed on severely biofouled 
membranes have shown that the biofilms are difficult to remove, presumably because 
cleaning chemicals fail to penetrate the biofilm layer to reach the underlying 
membrane fibers [15]. At the same time, chemical-based cleaning approaches can also 
introduce toxicity into the water, and are environmentally unsustainable in the long 
run. Given the suboptimal nature of the available control measures, a significant 
amount of economic resources has to be devoted into membrane biofouling control. 
Indeed, detailed cost assessments at Water Factory 21 (Orange County, California) 
revealed that more than US$720 000 was spent each year on the control of biofilms, 
representing about 30% of the total operating costs for this reverse osmosis installation 
[16]. Although there is increasing recognition that biofouling is a biofilm problem, 
many fundamental aspects of these membrane biofilms remains to be elucidated. A 
more complete understanding into the diversity of biofilm microorganisms, together 
with their biofilm formation mechanisms and ecological selective advantages in this 
environment, is anticipated to aid in the development of more effective biofilm 
monitoring and biofouling control strategies in membrane processes. 
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1.2 Problem statement 
1.2.1 Community structure of biofilms associated with membrane biofouling 
Despite being commercially available for close to 30 years [2], surprisingly little is 
known about the community structure of biofilm organisms residing in the biofouling 
layer found on RO membrane surfaces. Post-mortem autopsies of failed membrane 
modules have often focused on the investigation of macroscopic biofilm features such 
as bacteriological plate counts, biofilm surface coverage and thickness (usually 
examined by scanning electron microscopy), as well as the chemical composition of 
major organic and inorganic constituents in the biofilm and its EPS matrix [17, 18]. 
More detailed bacteriological characteristics of the biofilm, like microbial diversity 
and activity, or the quantitative abundances of individual bacterial populations, are 
frequently ignored, reflecting either a lack of scientific appreciation for these 
information, or the limitations of available techniques to address these issues. 
 
Perhaps the most systematic study addressing biofilm community structure on 
biofouled RO membranes was conducted by Ridgway and co-workers [19] when they 
analyzed the mucilaginous fouling layer found on spiral-wound cellulose diacetate 
membranes in operation for over 4000 h at Water Factory 21, Orange County, 
California. Based on isolation analyses using low nutrient R2A and m-SPC media, the 
RO membrane biofilm was observed to contain a large number of organisms related to 
Acinetobacter (dominant) and Flavobacterium/Moraxella (2nd most abundant). Other 
bacteria affiliated with Pseudomonas/Alcaligenes, Bacillus/Lactobacillus, Serratia and 
Micrococcus were also identified. Other membrane biofilm community studies were 
less extensive and had concentrated only on nascent biofilms developed within the first 
48 to 72 h [20, 21]. The latter studies are clearly not adequate to fully describe 
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membrane biofilms, as microbial successions are known to modify bacterial 
populations into an eventual climax community that is more relevant to the biofouling 
condition [22, 23]. 
 
However, a more serious flaw in all the abovementioned studies is the use of 
isolation-based techniques in the study of community structure. It has been repeatedly 
shown that culture-dependent analyses do not provide a representative depiction of the 
in situ microbial community, as many viable microorganisms are not readily culturable 
under standard experimental conditions [24]. Recent advances in molecular 
microbiology have, however, circumvented the limitations of these cultivation-based 
approaches through the direct retrieval of nucleic acids from the environment [25]. 
Unambiguous identification of the microbial populations is then achieved through 
comparison of sequence homology to references found in public domain databases. 
The application of these techniques in the study of membrane biofilms is therefore 
anticipated to provide more representative information on the bacterial populations 
responsible for biofouling. 
 
1.2.2 Mechanisms for biofilm formation among dominant bacterial populations in 
membrane biofilms 
Typical biofilm models often attribute bacterial transport and initial cellular attachment 
to be the first stage of biofilm formation. Suspended microorganisms in the bulk 
solution are brought into close contact with the solid surface by propulsion through the 
liquid phase either randomly by Brownian motion or in a directed manner via 
chemotaxis and cell motility. The transport of planktonic microorganisms to initiate 
contact with a solid substratum is, however, greatly accelerated in the RO membrane 
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environment, primarily due to the tangential force exerted by the permeate flux that 
causes active transportation of suspended cells onto the membrane surface [26].  
 
Upon first contact, several cell surface characteristics and other cellular 
appendages can facilitate bacterial adhesion to the membrane surface. Hydrophobic 
interactions between non-polar molecules on the bacterial cell surface with those found 
on the solid surface can form reversible attractive bonds that mediate cellular adhesion 
[27]. These interactions been reported to contribute to bacterial adhesion on a variety 
of substrata including glass [28], polymers [29], mineral [30] and PVC surfaces [31]. 
Besides cell surface hydrophobicity, electrostatic interactions can also influence 
bacterial attachment. As bacterial cells are usually negatively charged under 
physiologically relevant pHs, strong electrostatic forces can develop between cells and 
the substratum at sufficiently short distances (< 10 nm) [32]. While attractive forces 
will facilitate cellular attachment, some bacteria can also use force-generating cellular 
appendages, such as flagella and type IV pili, to overcome electrostatic repulsion [33]. 
These appendages are responsible for different aspects of bacterial motility (like 
swimming, swarming and twitching), which has been reported to be involved in the 
process of biofilm formation. Swimming and swarming are often implicated in surface 
colonization [34], while twitching has a further structural role in the formation of 
microcolonies [35]. 
 
However, most of the findings relating cell surface characteristics (such as 
hydrophobicity and surface charge) and bacterial motility to biofilm formation are 
derived based on studies conducted on model organisms or medically significant 
bacterial species. Little is known about the mechanism of biofilm formation for 
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environmental microorganisms found in the biofouling layer on membrane surfaces. In 
addition, the effects of ambient nutrient and environmental conditions on the ecology 
and biofilm formation of these bacterial populations are also not well-understood. 
 
1.2.3 Biofilm monitoring in membrane processes 
Although the negative impacts associated with membrane biofouling emphasize the 
need for an early detection of biofilms, the value of biofilm monitoring has never been 
truly appreciated in practice. Often, the development of biofilms is monitored by the 
gradual deterioration of system performance (e.g. increase in transmembrane pressure) 
or product water quality [36]. Even if biofilm monitoring is performed, a typical 
response is to analyze samples collected from the water phase in terms of bacterial cell 
counts. However, biofilm formation is a surface-bound phenomenon and there is, to 
date, no reliable correlation between observed planktonic cell counts and the extent of 
biofilm formation [36].  
 
Instead of suspended cell counts, it has also been suggested that biodegradable 
organic carbon and nutrient levels in the bulk solution can be used in biofilm 
monitoring because these substances are easily converted by microorganisms and 
therefore represent potential biomass [37]. The concentration of assimilable organic 
carbon, for example, has been correlated with bacterial regrowth [38], but this 
relationship can sometimes be inadequate in the prediction of surface-associated 
biofilm development [39]. Given the limitations of these correlations, there is growing 
awareness that biofilm monitoring is more appropriately performed through the direct 
assessment of biomass collected from sacrificial test surfaces [37]. A popular surface-
based method is to monitor biofilms using replaceable test surfaces housed in a 
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modified Robbins device deployed in the sidestream [40]. The biofilms formed are 
assumed to be similar to the biofouling layer as they are subjected to the same 
environmental and hydraulic conditions. However, biofilm sampling from the Robbins 
device is potentially destructive and can thus lead to errors in biomass quantification 
[41]. A direct biofilm monitoring technique for the rapid quantification of biofilm 
biomass is currently not available.  
 
1.2.4 Biofilm control in membrane processes 
Controlling biological fouling is one of the major challenges in water purification 
membrane installations. At present, a pragmatic approach to this problem has been 
adopted and control strategies are devised with the objective to either prevent surface 
colonization or eliminate previously established biofilms. The former often manifests 
as a series of pretreatment steps aimed at biomass and/or nutrient reduction in the 
feedwater, while the latter targets the already established biofilm layer using chemical 
cleaning. In either case, the inactivation of bacterial biomass using chemical biocides 
is an integral component in both approaches, and a large number of commercially 
available biocides is available to support this application [42]. Oxidizing biocides (e.g. 
chlorine and its derivatives) are indiscriminate in their mode of action and can 
therefore affect both biofilm bacteria as well as their extracellular matrices [43]. The 
non-oxidizing variants (such as quaternary amines) tend to be more specific in their 
inactivation mechanism and bring about disruptions to normal cell physiology by 
targeting specific cellular components [43].  
 
However, the paradigm to eradicate microorganisms by the bactericidal action 
of biocide chemicals is neither economically viable nor environmentally sustainable. 
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Increasingly stringent environmental regulations have imposed limits on the handling, 
transport, storage, use and discharge of some of these toxic biocides, leading to 
increased treatment and operational costs [42]. A more fundamental concern, however, 
is the resistance of biofilm bacteria to antimicrobial treatment. It is well-documented 
that biofilms are recalcitrant to antimicrobial action for a variety of reasons, including 
diffusional limitation through the exopolysaccharide matrix coupled with chemical 
and/or enzymatic depletion of the antimicrobial agent, reduced biofilm growth rates 
and the expression of biofilm-specific physiologies [11]. Even if near complete 
inactivation of the biofilm is achieved through the continuous dosage of biocides at 
high concentration, persister cells in the biofilm [44] can continue to grow at the 
expense of the dead biomass, especially since the dead cells cannot be adequately 
removed from the RO membrane due to the highly confined environment and low flow 
turbulence [13]. Therefore, the continued dependence on biocides is not an appropriate 
solution to membrane biofouling problem. Novel strategies addressing control of 
biofilm formation and their dispersal at a genetic level, or the complete mineralization 
of cell and extracellular components to CO2, would perhaps more appropriately 
alleviate the condition of biofouling in the unique RO membrane environment.  
 
1.3 Research objectives 
The primary objective of this doctoral study was to develop a more comprehensive 
understanding into the biology of biofilms associated with water purification 
membranes (MF and RO), and to address the inadequacies of current biofilm 




a. To characterize and possibly generalize the community structure of bacterial 
populations associated with membrane biofouling. 
b. To understand the ecological selection advantages and mechanisms of biofilm 
formation of the dominant biofilm populations. 
c. To develop a rapid biofilm monitoring method that can be integrated into the 
sidestream of membrane processes. 
d. To evaluate the efficacy of existing carbon removal and nutrient limitation 
strategies used in biofilm control. 
e. To achieve biofilm control through the disruption of quorum sensing signaling 
systems in gram-negative bacteria. 
f. To demonstrate the bactericidal effect of UV-photocatalyzed titanium dioxide 
against biofilms.  
 
1.4 Organization of thesis 
The thesis is subdivided into several chapters with each one describing a particular 
area of study as aforementioned. They include: 
 Chapter 2: Literature review 
This chapter aims to provide a comprehensive review of current literature in the 
area of biofilm formation, its monitoring and control. The materials presented here 
are focused mainly on the biofouling of MF and RO membranes, its analysis 
methodologies and the inadequacies associated with current monitoring and 
control strategies.  
 Chapter 3: Materials and methods 




 Chapter 4: Community structure analysis of reverse osmosis membrane biofilms 
and the significance of Rhizobiales bacteria in biofouling 
Here, the bacterial community structure of a lab-scale RO membrane treating a 
membrane bioreactor effluent was analyzed using 16S rRNA gene clone library 
and isolation analysis. Rhizobiales bacteria were found to be the dominant biofilm 
population and this was confirmed by comparing DNA fingerprints with two 
previously described membrane biofilms retrieved from full-scale membrane 
installations. The ecological selection advantages of pure culture representatives 
were also investigated in terms of carbon substrate utilization and nitrate/nitrate 
respiration. 
 Chapter 5: Biofilm formation characteristics of bacterial isolates retrieved from a 
reverse osmosis membrane 
The biofilm formation characteristics of four bacterial isolates recovered from an 
RO membrane treating potable water were investigated in terms of their ability to 
form biofilms in microtiter plates, their motility (including swimming, swarming 
and twitching), as well as their cell surface properties (like hydrophobicity and 
surface charge). These cellular characteristics were then related to the physical and 
chemical properties of three commonly used RO membrane materials to ascertain 
the significance of these parameters. A Sphingomonas isolate was further shown 
to be indifferent to membrane surface properties due to its ability to produce 
exopolysaccharides.  
 Chapter 6: Biological filtration limits carbon availability and affects downstream 
biofilm formation and community structure 
In this chapter, a rapid assay for monitoring biofilms is proposed using a system of 
submerged microtiter plates. This method was found to be robust and clearly 
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demonstrated that biofilms produced by a biofilter-treated wastewater contains 
significantly lower biomass compared to those developed under an untreated 
control. When the microbial community structure of biofilms cultivated in these 
two wastewaters was compared, a group of microorganism adapted for survival 
under low-substrate conditions was selected in the biofilter effluent, suggesting 
that biological pretreatment strategies may not achieve adequate biofouling control 
in the long term. 
 Chapter 7:  
Enzymatic and catalytic methods for biofilm control are examined in this chapter. 
The efficacy of AiiA enzyme is evaluated against E. coli and Pseudomonas 
biofilm formation. Results indicated that this quorum sensing quencher can inhibit 
biofilm formation for up to five days. The photocatalyst titanium dioxide is well-
known for its bactericidal effect on planktonic bacteria. However, its efficacy 
against biofilms has not been demonstrated, and is assessed here. While treatment 
with UV-irradiated TiO2 effectively reduced biofilm biomass, the action of 
photogenerated free radicals appeared diffusionally limited within biofilm 
microcolonial structures.  
 Chapter 8: Conclusions and recommendations 
The overall conclusions and the opportunities for future research related to this 









 Literature Review 
 14
2. Literature Review 
2.1. Microbial Biofilms 
Communal living in biofilms is the predominant form of microbial life in nature and 
they are ubiquitously distributed in the soil, aquatic environments, on tissues of plants, 
animals and man, as well as on man-made artifacts ranging from medical catheters to 
pipelines and water separation membranes [45, 46]. As biofilms, the microorganisms 
are embedded in a matrix of extracellular polymeric substances (EPS), which are 
responsible for the morphology, structure, coherence and physico-chemical properties 
of these cellular aggregates. Most notably, their recalcitrance to anti-microbial agents 
has often been associated with chronic medical infections [47], and operational 
inefficiencies in human engineering systems. While disinfection using biocides has 
often been used in industrial situations to control biofouling, long term success in 
biofilm control has been limited using these strategies [43]. It is now clear that 
effective management of the biofilm problem can only be achieved through a greater 
understanding of the process of biofilm formation with the support of a holistic biofilm 
monitoring program. In addition, alternative control measures that are non-toxic and 
regenerative would also prove environmentally and economically desirable. 
 
2.2 Biofilm formation 
2.2.1 Initiation of biofilm formation 
The transition from free-living planktonic cells to a complex, surface-attached biofilm 
mode of existence is a highly-regulated developmental process. The initiation of this 
process is believed to be triggered by specific environmental cues, such as the 
availability of nutrients [48]. The response of individual bacterial species to these 
signals can, however, be different. For example, Escherichia coli O517:H7 forms 
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biofilms only in low-nutrient media [49], while other strains of E. coli specifically 
require amino acid supplementation to produce biofilms in minimal medium [50]. 
Besides the nutritional content, other environmental signals such as temperature, 
osmolarity, pH and oxygen availability have also been reported to influence biofilm 
formation [51], although some organisms like Pseudomonas aeruginosa and P. 
fluorescens are able to form biofilms under most conditions that support bacterial 
growth [35].  
 
2.2.2 Cellular adhesion and biofilm formation 
The current model for biofilm formation has identified four distinct stages in its 
development which begins with the reversible attachment of bacterial cells onto the 
substratum, followed by an irreversible attachment stage, biofilm maturation and 
eventual biofilm detachment [52]. In the first stage, reversible attachment is mainly 
mediated by physicochemical interactions between the bacterial cell surface and the 
substratum. Cell surface characteristics, such as hydrophobicity and surface charge, 
have been shown to play an important role in this adhesion process. Attractive 
hydrophobic interactions between bacterial cell wall and the substratum facilitate 
cellular adhesion to a variety of inert surfaces, including glass [28], polymers [29], 
mineral [30] and some metallic (stainless steel, copper) surfaces [53]. Similar 
hydrophobic forces have also been involved in the adhesion of bacteria onto reverse 
osmosis (RO) polymer membrane materials like cellulose acetate (CA) and aromatic 
polyamide. For example, the attachment of a hydrophobic strain of Mycobacterium 
onto CA membranes was found to be better than that of a hydrophilic strain of E. coli 
[54]. Likewise, a comparison of attachment characteristics onto CA membranes 
between wild-type Acinetobacter phosphadevorus and its hydrophilic, isogenic mutant 
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lacking fimbria revealed that the bacterial adhesion in the latter was severely affected 
due to a deficiency in these hydrophobic cellular appendages [54]. Indeed, a survey of 
31 ultrafiltration membranes revealed that the initial rate of biofilm formation in P. 
aeruginosa was increased for more hydrophobic membrane surface materials, 
presumably from greater cell-to-membrane surface hydrophobic interactions [26]. 
 
Besides cell surface hydrophobicity, electrostatic interactions arising from 
surface charges between bacterial cells and the substratum can influence the adhesion 
process. Due to the preferential adsorption of ions by dissociation of surface groups or 
by isomorphic substitutions in the lattice, most solid bodies in water, including most 
water purification membrane surfaces and microorganisms, tend to acquire a net 
negative charge in the electrical double layer at neutral pH [32]. According to the 
Derjaguin-Landau-Verwey-Overbeek (DLVO) theory, colloidal adhesion on surfaces 
is determined by the balance between the attractive van der Waals forces and the 
repulsive forces due to electrical double layer interactions. However, the role of these 
forces in microbial adhesion processes has not been clearly elucidated, with reports 
either supporting [55, 56] or refuting [57, 58] the importance of these electrostatic 
forces.  
 
In water purification membrane surfaces, a further complication arises from the 
surface micro-roughness of the membrane which represents a substantial deviation 
from the assumption of smooth surfaces used in DLVO predictions [59]. As a result, 
membrane surface charges have often failed to correlate with silica colloidal deposition 
and bacterial adhesion. Using three Pseudomonas isolates retrieved from sewage, the 
compression of the electrical double layer by increasing the ionic strength did not 
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result in considerable changes in their adhesion on four different membrane surfaces 
[21]. In contrast, when cellular adhesion of a Pseudomonas aeruginosa strain was 
assessed using some 30 UF membrane materials, the rate of early biofilm formation on 
electrically neutral membrane surfaces was substantially reduced compared to highly 
charged (either positive or negative) surfaces, suggesting a direct role for surface 
charge in bacterial adhesion [26].  
 
The lack of consensus concerning the role of surface charges in bacterial 
attachment may possibly be related to the use of non-uniform experimental conditions, 
such as pH [60] and ionic strength [32] that are known to affect electrostatic 
interactions. Different model microbial cells also carry different amounts of surface 
charges which can be further modulated by growth conditions, pH, and the 
concentration of inorganic substances [61]. A standardization of experimental 
conditions (like the type of buffer system used in adhesion assay) [27] may therefore 
be required to correct for the apparent discrepancy and achieve consistency, as well as 
comparability between research findings obtained from various research groups.  
 
2.2.3 Bacterial motility and biofilm formation 
Bacterial motility has been implicated in the process of biofilm formation for a large 
number of model microorganisms, the most notable of which include P. aeruginosa, E. 
coli, Vibrio cholerae and P. fluorescens [48]. Five different types of motility have been 
commonly described for microorganisms upon surface attachment [34], but those 
involved in biofilm formation are often attributed to swimming and twitching motility. 
Swimming motility is an individual locomotive endeavour mediated by the force-
generating flagella. This form of motility occurs in an aqueous environment, or at least 
 Literature Review 
 18
when a sufficiently thick liquid film is available, and can play a part in the initial 
attachment of bacterial cells. For example, swimming motility propelled P. aeruginosa 
over the surface, as if in search of a suitable location to initiate contact, prior to cell 
attachment [48]. In the case of E. coli, flagellum-mediated motility was also observed 
to be involved in early attachment events [50], as well as in downstream surface 
colonization [62]. For V. cholerae, flagella-mediated motility also greatly accelerated 
initial attachment and surface colonization, but did not appear to be required in 
subsequent biofilm development [63]. From these findings, the major role of 
swimming motility in biofilm formation is to promote initial attachment, possibly 
because the force-generating motion helps overcome electrostatic repulsive forces 
between bacterium and the substratum, therefore improving initial contact interactions 
between the two surfaces [33]. 
 
In addition to swimming, twitching motility has also been shown to be 
important for initial biofilm structural development. Twitching refers to a flagella-
independent form of surface translocation mediated by the active extension and 
retraction of type IV pili [64]. In nascent P. aeruginosa biofilms, microcolonies were 
produced by the aggregation of individually attached cells via twitching motility [35]. 
In addition, type IV pili may play a role in subsequent P. aeruginosa biofilm 
development. Comparing the wild-type and a type IV pili mutant, characteristic 
biofilm architecture containing mound structures was observed in the wild-type 
biofilm, while the mutant strain produced a biofilm consisting a dense cell monolayer 
with small aggregates [48]. This suggested that the type IV pili mutants were defective 
in the developmental events leading to the formation of mature P. aeruginosa biofilm 
structures.  
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For P. putida, the induction of type IV pili-based twitching motility also 
mediated the irreversible attachment of weakly adhered cells onto the substratum [65]. 
Consistent with this observation, the Msh pili (similar to type IV pili) in V. cholerae 
also mediated cell-to-surface interactions. mshA mutants exhibited a delay in  biofilm 
formation (by 1 to 2 days), but the resultant biofilm architecture was unaffected, and 
remained identical to those produced by the wild-type [48]. In E. coli, type I pili, 
which may mediate surface-dependent motility, have also been implicated in biofilm 
formation [62].  
 
2.3. Biofilm heterogeneity 
Biofilms have always been assumed to be made up of microorganisms distributed 
uniformly in a continuous matrix of extracellular polymers. However, the traditional 
concept of a homogeneous biofilm is increasingly challenged by experimental findings 
collected at micrometer-levels [66], and they include: 
 
a. The recovery of fluorescent beads at the bottom of the biofilm. This 
observation contradicted a basic assumption of homogenous biofilms, in which 
the beads would be expected to be displaced perpendicularly upwards away 
from substratum by the microorganisms growing underneath. 
 
b. The accelerating rate of microbially influenced corrosion. If biofilms were 
indeed forming continuous layers on metal surfaces, they should decrease the 
biocorrosion rate and not increase it, as oxygen would be depleted at the 
substratum.  
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c. Microelectrodes were used to measure chemical profiles in biofilms in order to 
gain an understanding of the chemistry within a biofilm. Microelectrodes, with 
a tip diameter in the order of a few microns, were driven across biofilms, 
measuring concentration profiles with high spatial resolution. Unlike individual 
points in the biofilm, attempts to determine a certain parameter (e.g. average 
substrate consumption rate) over an area often generated unreasonable 
variability in that parameter. 
 
d. Measurements of flow velocity distribution showed that flow velocity became 
zero only at the test conduit surface [67], and not the biofilm surface, as would 
be expected for the gelatinous nature of homogenous biofilms. 
 
These observations are, however, consistent if biofilms are perceived as structurally 
heterogeneous [66]. This model describes biofilms to consist of: 
a) A basal layer of bacterial cells adhering to the substratum. This cellular layer is 
discontinuous and part of the substratum remains exposed to fluid flow.  
b) Microcolonies, which are compact aggregates of microorganisms embedded in 
extracellular polymers. 
c) Streamers, which are long strands of cells and extracellular polymers, extending 
downstream from the microcolonies. 
d) Interstitial voids between the microcolonies that form a network of interconnected 
channels, giving biofilms a characteristic porous structure. Water can also freely 
move within this network of channels.  
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Structural heterogeneity in biofilms hence presents a new challenge in biofilm 
research. General consensus among biofilm investigators is that these elaborate 
microbial structures have meaning, and that microcolony structure and internal cellular 
organization have a role in biofilm activity and survival. The network of 
interconnected channels between biofilm microcolonies, for example, has been 
described to resemble a primitive circulatory system, which serves to remove 
metabolic waste and replenish fresh nutrients to the depths of the biofilm [68]. Using 
microelectrode measurements, changes in levels of dissolved oxygen (DO) through the 
water channels of a living Pseudomonas aeruginosa biofilm were followed beginning 
from the bulk fluid towards the liquid-substratum interface [69]. The microprofile of 
DO readings revealed that DO concentrations dropped as the probe advanced towards 
the liquid-substratum interface, but remained substantial (~0.02 mol/m3) even at the 
substratum. In contrast, DO was found to depleted within microcolonies, suggesting 
the prevalence of anaerobic conditions. In this case, heterogeneity in the physical 
structure generated nutrient gradients within the biofilm and led to the creation of 
localized microenvironments that consequently affected the physiological activities of 
adjacent cells.  
 
In mixed community biofilms, the presence of these localized microniches can 
profoundly affect the spatial arrangement of bacterial populations. This is exemplified 
by the spatial heterogeneity of microbial populations in nitrifying biofilms. In these 
communities, lithoautotrophic nitrification involving the sequential conversion of 
NH4+ via NO2- to NO3- is catalyzed by distinct groups of microorganisms under 
aerobic conditions. Based on cryosectioning of nitrifying biofilms and fluorescence in 
situ hybridization, clusters of ammonia oxidizing bacteria (AOB) are generally 
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detected in the upper and middle layers of the biofilms (up to 150 µm from the biofilm 
surface) [70], which corresponds to a DO-rich zone as detected by microelectrode 
measurements. Nitrite oxidizing bacteria (NOD) occurring as separate cell clusters are 
often found in close association with the AOB, and are located just below them in the 
nitrite rich zones of the biofilm [71, 72]. Sporadic occurrence of AOB clusters can 
occasionally be found deeper into the biofilm [72], and is probably attributed to 
biofilm structural heterogeneity where substrate and DO transfer to these organisms 
are mediated by hydraulic exchanges in the water channels. In the presence of other 
electron donors (notably organic carbon), the depths of the biofilm will be colonized 
by heterotrophic bacteria with a high affinity for oxygen (Km < 1 µM), and may also be 
capable of nitrate respiration. The stratification of AOB, NOB and heterotrophs thus 
appears to be functionally determined through cooperative interactions between 
community members, suggesting that the arrangement of bacterial populations inside 
biofilms may have been an adaptive, rather than an innate genetic, response to 
environmental conditions.  
 
2.3.1. Addressing biofilm heterogeneity using non-destructive analytical approaches 
Given the variations in physical structure and the stratification of microbial 
populations in biofilms, it appears imperative that biofilm samples remain intact during 
their recovery and in subsequent analyses. The use of microscopy flow cells enables 
the continuous and non-destructive monitoring of biofilms in real time [73]. These are 
small vessels with multiple flow channels containing substrata for biofilm formation. 
The most extensively described flow cell is constructed using transparent material, 
such as plexiglas, and contains a glass substratum for biofilm development (Figure 2.1) 
[74]. When incorporated in a once-through flow system (Figure 2.1), fresh nutrients 
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that support growth are continually delivered to biofilms, and their development can be 
monitored directly under fully hydrated conditions using light microscopy. Under 
carefully controlled nutrition and flow conditions, biofilm structure and architecture 








Figure 2.1: (a) Glass-based flow cell. Each flow channel is 40 x 4 x 1 mm and the 
biofilm is cultivated on the underside of the glass surface. (b) A once-through flow 
system delivering fresh medium to the flow cell system. The peristaltic pump can 
deliver flow at a flow rate as low as 0.2 mm/s, while the bubble trap prevents air 
bubbles from entering the flow cell.  
 
The utility of microscopy flow cell-based analyses can be extended when they 
are used together with confocal laser scanning microscopy (CLSM). CLSM provides 
three-dimensional visualization of biofilm structures and allows computer 
reconstruction of biofilm architecture [76]. The viable pinhole in the CLSM screens 
out-of-focus light originating from above and below the plane of focus, thus 
eliminating defocused information from the final image. This mechanism is especially 
useful for biofilm samples where out-of-focus information (arising due to biofilm 
thickness) often distorts images obtained using conventional light microscopy [77]. 
Equipped with a laser beam of defined wavelength, the CLSM detects fluorescent 
signals that are derived from either fluorophores incorporated into the biofilm sample 
by external probing or the constitutively expressed green fluorescent proteins (gfp) 
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FlowFlow 
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[77]. By rapid scanning of the laser beam, the fluorescent signal in the field of view is 
acquired point by point to generate a digital image of this optical section. When 
imagery information from a series of optical sections is collected, a three-dimensional 
representation of the biofilm can be recreated using computer algorithms [76]. 
 
Through the use of CLSM, spatial heterogeneity in biofilms of P. aeruginosa, 
P. fluorescens, and Vibrio parahaemolyticus have been analyzed [76]. When CLSM is 
used in conjunction with biofilms constitutively expressing fluorescent proteins in flow 
cell systems, the development and dynamics of living biofilms can be visualized. 
Using Pseudomonas strains genetically tagged with gfp or dsRed, microbial 
interactions between biofilms of these two organisms were directly visualized [78]. For 
example, the initial appearance of separate green and red fluorescent microcolonies 
suggested that early microcolonies were formed by clonal growth of attached 
microorganisms, while the subsequent detection of green cells in red microcolonies 
(and vice versa) suggested the migration of biofilm cells between microcolonial 
structures. This movement was also shown to be flagellar driven through the use of 
non-flagellated mutants.  
 
Based on gfp reporter strains and their cultivation as biofilms in microscopy 
flow cells, studies addressing physiological events (such as cellular growth activity) 
[79] and other regulatory genetic systems involved in biofilm formation have been 
reported [80]. Although the flow cell system provides a good platform for the bench 
study of biofilm formation mechanisms, a major disadvantage of this methodology is 
its dependence on the cultivation of pure culture bacterial isolates. Often, biofilm 
model organisms are selected based on familiarity (e.g. E. coli) or medical (e.g. P. 
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aeruginosa) significance, which may not be completely applicable to biofilms 
occurring in other environmental habitats. Further, the flow cell is considerably limited 
in its ability to simulate environmental conditions, particularly in its choice of biofilm 
substratum.  
 
In order to preserve the hydrated biofilm architecture, embedding of 
environmental biofilms by replacing water in the biofilm matrix with a solidifying 
agent has been proposed [73]. Treatment of the biofilms with polysaccharide-specific 
antibodies that introduces cross-linking in the exopolymeric matrix (and thereby 
preserving biofilm structure on dehydration) has been suggested since the late 1970s 
[81, 82]. However, the requirement for specific antibodies to treat each new type of 
biofilm community renders this technique largely impractical.  
 
Embedding biofilms in solid agar has also been reported [83]. Upon 
solidification, the agar medium cuts off the supply of nutrients and oxygen to biofilm 
microorganisms, resulting in the effective termination of aerobic metabolism. 
However, the presence of particulate impurities in commercial agar preparations is 
known to affect the embedding of microbial aggregates smaller than 10 µm [83]. 
Membrane pre-filtration of liquid agar is therefore necessary and this, together with the 
requirement to work at elevated temperatures, limit the widespread application of this 
embedding method. Another embedding material requiring the use of high temperature 
(>40oC) is agarose. CLSM visualization of agarose-embedded biofilms revealed the 
presence of channel structures within sessile communities formed on granular 
activated carbon [84]. The interconnection of biofilm surface to the deep inner layers 
via these cell-free channels is suggested to facilitate the transfer of fresh nutrients to 
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the diffusion-limited parts of the biofilm. A major disadvantage associated with 
agarose (other than its high melting temperature) is its detrimental effect on rRNA 
hybridization [73]. The lower signals obtained in this embedding matrix therefore 
makes phylogenetic identification by in situ hybridization difficult.  
 
Standard histological embedding agents such as paraffin have been successfully 
applied in the characterization of biofilm communities retrieved from a membrane 
biofilm reactor [85] and anaerobic granular sludge degrading terephthalate [86]. 
However, the need for extensive sample preparation and thin sectioning makes paraffin 
embedding less convenient compared to the other alternatives. Similarly, 
cryoembedding using agents such as Tissue-Tek® OCT compound requires the 
cryosectioning of embedded biofilms into thin slices before they can be used for 
microscopy. Nonetheless, the cryoembedding technique involves less sample 
processing and has therefore been more extensively utilized compared to histology 
embedding agents. The cryoembedding procedure has been reported to be compatible 
with oligonucleotide probing, immunofluorescence staining, radioisotope labeling and 
other specialized staining and labeling techniques [87]. Studies addressing the 
stratification of nitrifiers in nitrifying biofilms [72] and the spatial distribution of 
respiratory activity in monochloramine-treated biofilms [88] demonstrate the utility of 
this technique.  
 
A promising biofilm embedding technique involves the polymerization of 
acrylamide [73]. Biofilms saturated with a mixture containing acrylamide-
bisacrylamide monomers, N, N, N’, N’-tetramethylethylenediamine and ammonium 
persulfate can become embedded in a gelatinous polyacrylamide matrix upon 
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polymerization of its monomers at room temperature. Being transparent and non-
fluorescent, biofilm samples embedded in polyacrylamide are suitable for both light 
and fluorescence microscopy. Further, virtually no biofilm cells remained on a glass 
substratum when the polyacrylamide-embedded biofilm was removed from the 
surface, suggesting good biomass retention within the gel matrix. Given the 
advantages, this embedding technique has been applied to a number of environmental 
[89] and pure culture biofilms [90, 91].  
 
2.4. Biofilms on reverse osmosis membranes 
2.4.1 Biofouling of RO membranes 
Due to their ubiquity, few surfaces exposed to water and nutrients remain sterile and 
free of biofilm organisms. When biofilms accumulate in human technical systems, the 
fouling of surfaces often results in an unacceptable loss in system performance, for 
example through the excessive reduction in thermal conductivity in cooling systems 
and the increased fluid frictional drag on ship hulls [92]. The biological fouling of 
reverse osmosis (RO) membranes employed in water treatment and purification has 
also generated considerable attention, because the very design of a typical spiral-
wound RO membrane is ideal for the proliferation of biofilms [19]. The environment is 
confined, high in nutrients and the narrow channel space between individual 
membrane leaves is subjected to relatively low cross-flow velocities with limited 
turbulence [93]. Membrane biofouling has often been associated with operational 
inefficiencies in the RO process [14], including:  
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a. Increased membrane resistance 
Increased membrane resistance caused by biofilms leads to a decrease in water 
production, an increase in the transmembrane pressure and a consequent 
increase in energy consumption. 
b. Diffusion resistance 
Due to the diffusion resistance of the biofilm matrix, convective mass transport 
next to the membrane surface is inhibited. This tends to increase concentration 
polarization on the membrane surface, leading to scaling and decreased salt 
rejection. 
c. Microbial degradation 
Acids and exoenzymes excreted by biofilm microbes can degrade membranes 
(especially the cellulose acetate types which can be hydrolysed directly) and 
their support materials. Organic-based glues employed in the assembly of RO 
membrane modules may also be biodegradable. The degradation of membranes 
and its components greatly reduces membrane life and the bacteriological 
quality of product water [42]. 
d. Increased costs 
Direct and indirect costs will be incurred due to biofouling, such as the loss of 
product water quantity and quality, higher energy demands, greater 
pretreatment and cleaning demands, membrane replacement etc. Economic 
losses attributable to biofouling and its control can total 30% of the operating 
costs for a reverse osmosis plant reclaiming domestic wastewater [16]. 
 
These impacts associated with membrane biofilms necessitated biofouling 
control in routine operation, as well as during extended periods of plant inactivity, 
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such as during system repair and modifications. While a myriad of biofouling control 
measures have been described in literature, control strategies are generally formulated 
based on one of (or a combination of) the following principles [42]: 
a. Selection and optimization of effective feed water pretreatment methods 
b. Optimization of effective membrane cleaning methods 
c. Optimization of system operating pressure and recovery 
d. Selection of the most appropriate membrane 
 
Among these, disinfectant pretreatment is the most common control strategy. 
Although a wide variety of disinfectants and biocides are commercially available, 
many have not been tested for their compatibility with membrane materials and other 
module components [42]. This strategy has been met with varying degree of successes 
because disinfection does not imply sterility in the feed water. Their effectiveness 
against biofilms is also limited, because biofilm organisms, unlike their planktonic 
counterparts, are particularly resistant to anti-microbial action for a variety of reasons 
(see section 2.4). Furthermore, the use of oxidizing biocides, such as free and 
combined forms of chlorine and ozone, can potentially break down recalcitrant organic 
matter (e.g. humic acids) into simpler forms, making them more bio-available to 
biofilm organisms [46]. 
 
The optimization of chemical cleaning by altering the formulation of cleaning 
solutions, the frequency of cleaning and the cleaning protocol is another commonly 
employed control measure [42]. Cleaning solutions targeting membrane biofilms 
normally contain one or more detergents, such as sodium dodecyl sulfate (SDS), 
sodium dodecyl benzenesulfonate and quaternary amines, to denature macromolecules 
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(cell wall polypeptides, lipopolysaccharides, EPS) involved in maintaining cell 
envelope integrity and biofilm physical structure [94]. They also assist in weakening 
hydrophobic interactions involved in the adhesion of bacterial cells to membrane 
surfaces [95]. However, membrane-detergent compatibility is a critical factor limiting 
the selection of detergents, as an inappropriate combination would result in an 
irreversible loss of water flux or solute rejection properties [42]. Other than detergents, 
membrane cleaning solutions may also include additives, such as proteases, esterases, 
polysaccharidases, lysozyme and chelating agents, which help break down the EPS 
matrix and bacterial cell envelopes. Despite the seemingly holistic formulation of these 
cleaning solutions, operational data from full-scale RO plants continue to indicate that 
membrane cleaning may only temporarily restore water flux, and an increase in 
operating pressure was necessary to compensate for the flux decline due to the 
presence of biofilms [14]. 
 
2.4.2 Microbial diversity in membrane biofilms 
Knowledge into the community of microorganisms present in the biofilm can 
determine the success of biocide programmes [96]. It serves to guide the selection of 
suitable biocides, and also determines the minimum inhibitory concentration, as well 
as the contact time required to achieve a specific inactivation percentage [43]. 
However, surprisingly little research effort has been devoted to the understanding of 
bacterial populations within biofilms on RO membranes and other engineering 
systems. Biofilm control measures like the composition of the biocides and cleaning 
solutions are often formulated based on pragmatic considerations (such as membrane 
compatibility, convenience and familiarity of use, costs etc) with little or no regard to 
the microbial communities that are actually involved in biofouling. The attitude to treat 
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biofilms as a “black box” continues to remain prevalent and this has been reflected in 
the lack of literature examining the community of RO biofilm organisms, despite the 
large number of membrane autopsy studies that have been reported.  
 
Notwithstanding, the isolation of biofilm bacteria from biofouled RO 
membranes has been carried out in several studies (Table 2.1). However, the primary 
motivation has been to use these organisms in the optimization of biocidal and 
cleaning formulation, in which the diversity and identity of bacterial isolates are, at 
best, of secondary concern. Nevertheless, bacterial isolates related to 
Corynebacterium, Pseudomonas, Bacillus, Arthrobacter, Actinomycetes, 
Flavobacterium, Aeromonas, Acinetobacter and Mycobacterium have been retrieved 
(Table 2.1) [93], albeit from membranes treating different types of feedwater. Among 
them, the Mycobacterium-related isolates, which were recovered from full-scale RO 
installations, have been most extensively investigated. Considerable amount of 
resources have been dedicated to the elucidation of their adhesion kinetics [97] and 
their correlation with the membrane surface characteristics [98], as well as the 
optimization of cleaning regimens [99], particularly in the selection of surfactants 
[100].  
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Table 2.1: Diversity of microorganisms recovered from membrane biofilms. 
Source of Biofilm 
 
Analytical Method Bacterial Species Diversity Ref 
Full-scale RO plant treating secondary (activated sludge) 
treated municipal wastewater for over 4000 h. 
Incubation on m-SPC or R2A agar for 4 
days at 28oC. 
Acinetobacter (most abundant) 







A 48-hr biofilm on an RO membrane treating secondary 
(activated sludge) treated municipal wastewater. 
 
Possibly R2A agar*. Mycobacterium spp. 
Flavobacterium sp. 
[20, 98] 
3 to 74-d biofilms on lab-scale RO membranes treating 
secondary (activated sludge) treated municipal wastewater. 
 
Incubation on m-SPC agar for 5 to 7 days at 
28oC. 
> 95% Mycobacterium spp. [99] 
Biodegraded RO membrane treating groundwater 
 
Possibly mineral salt basal medium*. Seliberia-like organisms [101] 
Early stages of biofilm growth on RO membranes 
submerged in MF-treated secondary effluent. 
 
Possibly artificial waste water medium, 
supplemented with trace elements*. 
Three Pseudomonas spp., including  
P. aeruginosa.  
[21] 
12-d biofilms in a lab-scale nanofiltration tubular 
membranes treating MF-prefiltered secondary effluent. 
 
DGGE and 16S rRNA gene-based 
sequencing. 
Flavobacterium as most abundant. 
 
[102] 
Full-scale MF membrane treating secondary effluent 16S rRNA gene clone library and incubation 
on R2A agar for 2 to 4 weeks at 30oC. 
 
See text.  
Full-scale RO membrane treating potable water 16S rRNA gene clone library and incubation 
on R2A agar for 2 to 4 weeks at 30oC. 
See text.  
    
* The actual isolation conditions are not available, but the bacterial isolates were sub-cultured in these media.  
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This experimental framework which identifies the dominant organisms and 
systematically examines the most efficacious control measures represents a positive 
step towards the rational design of biofouling mitigation strategies. The main caveat in 
this methodology, however, lies in the use of culture-dependent techniques during the 
identification of dominant biofilm microorganisms. It has been acknowledged that 
cultivation methods are enrichment techniques in which the fittest and least fastidious 
microorganisms are selected, while others are counter-selected by competitive 
exclusion [25]. Even with the use of seemingly low and “general” nutrient media like 
R2A [103], in situ conditions where nutrient gradients exist spatially within localized 
microniches are unlikely to be duplicated. As a result, many viable organisms in 
natural environments remain unculturable under laboratory conditions [25]. Further, 
the selective conditions imposed by cultural techniques often lead to an enrichment 
bias, since the most abundant bacterial isolate can actually be a minor member of the 
microbial community rather than the most dominant or most ecologically relevant. A 
classical example of enrichment bias is the erroneous identification of Acinetobacter 
spp. as dominant members responsible for enhanced biological phosphorus removal 
(EBPR). It was only through the subsequent use of culture-independent techniques like 
fluorescent antibody staining [104], quinone profile measurement [105] and 
fluorescence in situ hybridization (FISH) [106] that Acinetobacter spp. were found to 
account for only a small percentage of the EBPR microbial consortium. 
 
The introduction of culture-independent techniques the analyses of microbial 
communities in the mid-1980s has transformed the study of diversity and ecology of 
microorganisms in natural environments [107]. These molecular approaches employ 
the direct recovery of nucleic acids from microbial populations to achieve 
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unambiguous identification through the comparison of sequence homology. Unlike the 
traditional culture-based analyses, community analyses based on molecular methods 
circumvent enrichment biases and can potentially give a different representation of 
microbial diversity. Biofilm community analyses on biofouled membranes using 
molecular techniques have recently been reported [102, 108]. From 16S rRNA gene 
clone libraries, biofilms retrieved from a microfiltration membrane (MF) treating 
secondary effluent, as well as an RO membrane treating potable water contained an 
abundance of alphaproteobacterial phylotypes, particularly those affiliated to the 
family Rhizobiales. An unprecedented diversity of microorganisms residing in these 
membrane biofilms, including representatives from Betaproteobacteria, 
Gammaproteobacteria, Deltaproteobacteria, Actinobacteria, Firmcutes, 
Planctomycetes, Acidobacteria, and others related to the 
Cytophaga/Flavobacterium/Bacteroides cluster and candidate division OP9, were 
identified [109]. In a separate study analyzing microbial communities on nanofiltration 
membranes treating MF-prefiltered secondary effluent, DNA sequencing of dominant 
DGGE bands revealed the presence of Flavobacterium-related genotypes [102]. 
Contrary to the earlier studies based on isolation, Pseudomonas-related organisms did 
not appear to be the dominant organisms in these membrane biofilms. In the absence of 
molecular data, earlier assumptions alleging the dominance of Pseudomonas- and 
Mycobacterium-related organisms in membrane biofilms (Table 2.1) may prove 
incorrect.  
 
Although the use of molecular techniques avoids culture-dependent biases and 
can potentially offer a high degree of phylogenetic resolution, there are several 
inherent limitations, which can sometimes lead to a distorted view of the actual 
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microbial diversity in environmentally complicated communities [110]. A source of 
great concern is the recovery of a representative sample of community nucleic acids 
prior to the application of molecular tools [111]. Insufficient or preferential disruption 
of microbial cells can lead to a “lesser-than-actual” (and hence a biased) view of 
microbial diversity. Due to differences in bacterial cell membrane composition (e.g. 
gram positive vs gram negative bacteria, endospores) and the complexity of sample 
matrices, the complete retrieval of community nucleic acids from the environmental 
samples is extremely challenging [112]. Different nucleic acid extraction protocols can 
also impact the perceived microbial community structure. For example, endospore-
forming members of Bacillales were only detected in an aerosol microbial community 
using bead-beating of duration 450 sec, while detection of Mycoplasmatales in the 
same sample was observed only after 5 sec (and steadily decreased with increasing 
bead-beating durations) [113].  
 
The amplification of total community DNA using polymerase chain reaction 
(PCR) is another commonly applied technique in molecular analyses. However, the 
use of PCR to environmental studies has also been associated with several sources of 
bias [110], including the preferential amplification of certain DNA templates [114], the 
formation of non-specific PCR products (like heteroduplexes) or chimeric products 
[115], sequence variation in 16S rRNA genes due to rrn operon heterogeneity in the 
same organism [116] etc. As a result, analyses of microbial communities using PCR-
based methods may not truly reflect the native community structure, but only that of 
the PCR-amplified pool. Thus, estimates of species evenness relying solely on PCR-
based methods (such as clone libraries, and a variety of fingerprinting analyses) should 
not be used by themselves quantitatively.  
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In view of the potential biases associated with both culture-dependent and 
culture-independent molecular analyses, a more systematic method to describing 
membrane biofilm communities will henceforth require a polyphasic approach 
incorporating the use of both molecular and isolation techniques. This approach has 
been elegantly demonstrated in the study of drinking water biofilms where a 
combination of cultivation and in situ probing approaches revealed a novel 
betaproteobacterial genus, Aquabacterium as the dominant microbial population in 
these biofilms [117].  
 
2.5. Anti-microbial resistance in biofilms 
While it is a common practice to control biofilms by the application of anti-microbial 
chemicals, biofilm bacteria are known to be much more resistant to the bactericide 
effects of biocides compared to free-living cells [118]. Current understanding of the 
resistance mechanisms associated with biofilms includes diffusional resistance of the 
extracellular matrix augmented by chemical and/or enzymatic modification of the anti-
microbial agent, reduced growth rate and the induction of biofilm specific physiologies 
[11]. Individually, each mechanism is inadequate (see subsections 2.4.1 to 2.4.3) to 
account for the general observation of resistance. It is thus more likely that they 
complement one another to create insusceptibility and an environment well suited for 
the emergence of tolerant genotypes.  
 
2.5.1 Diffusion limitation 
The premise of diffusion limitation conferring anti-microbial resistance is based on the 
presence of an EPS matrix found together with individual and microcolonial cells in 
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the biofilm.  Penetration of chemical agents to the cell surface of biofilm organisms is 
hence restricted by a combination of ionic interactions and molecular-sieving events at 
the EPS matrix where it functions as an ion-exchange resin and actively sequesters 
strongly-charged molecules from the bulk solution. It has, therefore, been suggested 
that the EPS matrix acts as a diffusion barrier which limit the penetration of anti-
microbial agents to the cell surfaces, and that their recalcitrance is simply based on 
exclusion [45, 119-121]. Although possible, physical exclusion is perhaps too 
simplistic to account for the overall resistance of biofilms. This was demonstrated 
using mucoid and non-mucoid biofilms of Pseudomonas aeruginosa exposed to 
ciprofloxacin [122]. Although susceptibility to this quinolone antibiotic was 
substantially decreased in the former phenotype, the reduction in diffusion coefficients 
across EPS matrices was not commensurate to the observed change in anti-microbial 
susceptibility.  
 
In addition to their action as a physical barrier, exopolymers and cell material 
found at the biofilm’s periphery may chemically react with the anti-microbial agent 
and neutralize it, thereby reducing its availability to underlying cells. Such effects are 
most evident in treatment agents that are consumed upon reaction with exopolymers 
and cell material, e.g. chlorine [88]. This reaction-diffusion-limitation property of the 
EPS matrix can be further enhanced if it also contains extracellular enzymes capable of 
degrading the anti-microbial agent. For example, formaldehyde is inactivated in 
biofilms of P. aeruginosa by exoenzymes formaldehyde lyase and formaldehyde 
dehydrogenase [123]. To explain the anti-microbial resistance of biofilms by the 
reaction-diffusion-limitation role of the EPS matrix can be enticing. However, it is 
unlikely that the volume and reactive-capacity of the EPS matrix can deplete the bulk 
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availability of the treatment agent [11], especially if it is administered over prolonged 
periods, and it is more probable that the EPS matrix delays, rather than prevents, the 
inactivation process.  
 
2.5.2. Decreased growth rate 
Since biofilms are composed of multi-layers of bacteria cells and aggregates, the 
availability of nutrients to cells residing near the substratum, or within microcolonies, 
is expected to be lower than those found at the biofilm-liquid interface. Hence, the 
consumption of nutrients by peripheral cells before they are diffused to the more 
deeply placed cells generates nutrient gradients in the depths of biofilms, leading to a 
concomitant decrease in growth rates. The low rate of growth, however, works 
favourably for biofilm organisms, as many antibiotics are more effective in killing 
rapidly growing cells compared to slow or non-growing ones [11, 44]. For penicillin 
and ampicillin, the killing efficacy is proportional to the cellular growth rate and they 
are ineffective against non-growing cells. Other antibiotics, such as β-lactams, 
cephalosporins, aminoglycosides, and fluoroquinolones, can kill non-growing cells, 
but they are also distinctly more efficient in inactivating rapidly dividing ones [44].  
 
However, the notion that a reduction in growth rate can sustain survival of 
biofilm bacteria under inimical concentrations of treatment agents is at best tentative. 
Based on documented effects of nutrient gradients and spatial growth rates, peripheral 
cells having greater access to nutrients are expected to have growth rates close to 
planktonic cells, making them susceptible to anti-microbial treatment. The loss in 
metabolic activity in these peripheral cells then increases nutrient availability to the 
underlying cells, which, in turn, increase their metabolism and growth rate. 
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Consequently, the anti-microbial agent will thoroughly penetrate the biofilm, 
proceeding from the exterior inwards, until the entire biofilm is inactivated [11].  
 
2.5.3 Expression of possible biofilm-specific resistance phenotypes 
Although the reaction-diffusion-limitation property of the EPS matrix and the 
existence of spatially heterogeneous growth rates within biofilms do provide a degree 
of insusceptibility, they cannot explain their sustained tolerance to anti-microbial 
treatment. It is now believed that these two mechanisms delay the action of anti-
microbial treatment, and allow the selection of more tolerant phenotypes associated 
with the long-term recalcitrance of biofilms [11]. The net result of this buffering effect 
is that biofilm cells may be exposed to sub-lethal dosages of the anti-microbial agent 
for an extended period of time, hence allowing the induction of transcriptional 
activators that enables the cells to adopt a more resistant phenotype specific to 
biofilms.  
 
A major feature of this biofilm phenotype appears to be the expression of 
mechanisms that neutralize the detrimental effects of anti-microbial treatment. The 
expression of multi-drug resistance operons like mar has been related to a multidrug-
resistant phenotype of E. coli. The efflux pump acrAB that is responsible for this 
resistance reduces the cytoplasmic concentration of the treatment agent to sub-
inhibitory levels through the active expulsion of these compounds to the cell exterior 
using energy. The use of multi-drug transporters to extrude structurally unrelated 
chemotherapeutic agents appears to be widely represented among prokaryotic cells, 
with some of them containing multiple efflux pump systems putatively identified from 
genomic sequences [124, 125]. Although the mar operon and the acrAB efflux pump 
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are up-regulated by exposure to sub-effective concentrations of antibiotics, such as 
tetracycline and chloramphenicol [126, 127], the significance of their roles in the 
biofilm phenotype is less apparent. The involvement of mar expression in biofilm 
resistance was examined in batch, continuous and biofilm cultures of E. coli using lacZ 
fusion [128]. Interestingly, mar expression in stationary phase batch cultures was 
generally higher than within biofilm populations, suggesting that mar expression is not 
likely to account for the increased resistance observed in biofilm communities. Further, 
when ciprofloxacin susceptibility between wild-type E. coli and mutants deleted of 
either the mar locus or the efflux pump acrAB were compared, little difference 
between biofilms of the wild-type and the mutant strains was observed [129]. 
Nevertheless, the constitutive expression of mar or acrAB did reduce the biofilms’ 
susceptibility to ciprofloxacin at sub-inhibitory concentrations [129], and levels of mar 
expression were inversely related to growth rates (and hence biofilm depth) [128]. 
These findings suggested that while neither mar nor acrAB is required for the anti-
microbial resistance in biofilms, they contribute, in part, to the overall resistance 
through the elevated expression of mar within the depths of the biofilm where anti-
microbials are present at sub-lethal concentrations and the growth rates are low. 
 
In the opportunistic pathogen P. aeruginosa, there are three known multidrug-
efflux pumps [130], including the MexAB-OprM pump, and several other putative 
pumps identified by genomic sequencing analysis [124]. Using mutant strains lacking 
or overexpressing the MexAB-OprM pump, resistance to low levels of the antibiotic 
ofloxacin was observed to be related to the expression of MexAB-OprM in biofilms 
[131]. The two mutants were, however, indifferent to ciprofloxacin, suggesting that 
biofilm resistance to this antibiotic is not dependent on the MexAB-OprM pump. 
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Therefore, similar to the case in E. coli, a direct correlation between upregulation of 
multi-drug resistance operons to biofilm resistance cannot be established for P. 
aeruginosa biofilms, but the expression of other unknown multidrug resistance pumps 
that are activated in response to the biofilm mode of life cannot be excluded. 
 
Other than the induction of mar-type operons and efflux pumps, the alteration 
of membrane structure leading to a decrease in cell permeability to anti-microbial 
agents is another possible resistance mechanism. It has been demonstrated that 
mutations in ompB, which regulates genes encoding the OmpF and OmpC outer 
membrane porin proteins limited the penetration of a β-lactam antibiotic cefoxitin in E. 
coli [132]. Further, the smaller OmpC porin was preferentially expressed in E. coli 
biofilms compared to planktonic cells, suggesting that the alteration of cell 
permeability in biofilm cells is a possible defense mechanism against anti-microbial 
treatment [133]. Similarly, DNA microarray analyses of P. aeruginosa biofilms 
suggested that a reduction in cell permeability is a major aminoglycoside-resistance 
mechanism [134]. The tolA gene product modifies lipopolysaccharide structure and 
decreases aminoglycoside affinity for the outer membrane, making cell penetration 
more difficult [134]. Furthermore, genes encoding porins and cytochrome c oxidase 
were also downregulated in biofilms and presumably contribute to biofilm resistance 
by modifying cell permeability [134]. 
 
2.6. Biofilm Monitoring 
2.6.1 Organic carbon-based biofilm monitoring 
In the water industry, the concentration of organic carbon material is often used 
as a surrogate measurement to indicate bacterial regrowth and biofilm formation. 
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Under conditions of low carbon substrate, resultant biofilms are generally thinner, and 
contain less biomass compared to their counterparts developed under carbon-rich 
environments [135-137]. Given this widely accepted correlation, the measurement of 
organic carbon content in the bulk solution offers a convenient way to estimate the 
extent of biofilm development, especially for those biofilms that accumulate in 
inaccessible locations (e.g. in water distribution pipelines and reverse osmosis 
membrane surfaces). As a result, different assays have been described to quantify the 
amounts of organic carbon, and its various important constituents, in amalgamated 
manners [138, 139].  
 
Among these measurements, assimilable organic carbon (AOC) describes the 
portion of organic material most readily metabolized by microorganisms [140]. The 
AOC concentration is calculated from the increase in plate counts of P. fluorescens 
strain P17 and Spirillum sp. strain NOX after a period of incubation (at least 3 days) in 
a water sample [141]. Due to the ability of P17 and NOX to grow at a few µg/L of 
organic carbon, AOC is applied extensively to predict bacterial growth and biofilm 
formation potential in relatively high quality drinking water [39, 142, 143]. At AOC 
concentrations less than 10 to 20 µg/L, growth of heterotrophic plate count bacteria is 
known to be curbed [144, 145]. If the water sample is chlorinated, coliform growth can 
be further limited at AOC levels as high as 50 to 100 µg/L [146-148]. With these 
definitive criteria for biological stability, the utility of AOC measurements is extended 
beyond drinking water applications, and AOC assays have been applied to non-potable 
reclaimed waters [149], process waters in recirculating cooling systems [150], and 
biofilter effluents [151].  
 
 Literature Review 
 43
Despite its widespread acceptance, the use of AOC as an indicator for 
biological stability suffers several disadvantages. Being a bioassay, determination of 
AOC is a time-consuming and laborious affair, involving the use of both organic-
carbon-free and sterile microbiological techniques. Pristine glassware treated using a 
combination of 10% potassium dichromate-sulfuric acid soak, hot water rinses and 
heating to 300oC for 6 h, is required, together with highly trained personnel, to obtain 
repeatable AOC results [144]. To partially simplify the prohibitively tedious 
procedures, pre-cleaned borosilicate vials with Teflon-lined silicone septa have 
become commercially available as a viable alternative to carbon-free glassware [152]. 
Besides glassware preparation, quality control measures involving separate tests to 
determine the growth yields of strains P17 and NOX have to be conducted on a regular 
basis [153].  
 
Aside from the tedious experimental method, another drawback of AOC is the 
requirement for bacterial cultivation. Upon inoculation, P. fluorescens P17 and 
Spirillum sp. NOX have to be incubated in the water sample until they reach stationary 
phase [141]. This typically takes 3 to 4 days, but periods as long as 5 to 25 days have 
been reported [141, 144, 154]. P17 and NOX are subsequently transferred onto R2A or 
Lab-Lemco (Oxoid) agar, and incubated for an additional period of 2 to 5 days before 
enumeration [141, 152]. For the purpose of rapid detection, several methods have been 
proposed to shorten the time required for bacterial cultivation in the water sample, or 
during cell enumeration. In the former case, a concurrent increase in incubation 
temperature and inoculum density (set originally at 15oC and 50 to 500 CFU/mL 
respectively) to 20 to 22oC and 104 CFU/mL has been shown to shorten the incubation 
time to 2 days [38].  
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For cell enumeration, the plate count procedure can potentially be replaced by 
the ATP luciferin-luciferase method, which measures the adenosine triphosphate 
(ATP) content in the bacterial cells as a surrogate for actual cell numbers [38]. By 
analyzing 48 raw, filtered and finished drinking water samples, no significant 
difference in AOC concentration was detected with the ATP luciferin-luciferase 
technique compared to the plate count method [38]. More recently, bioluminescent 
derivatives of P. fluorescens P17 and Spirillum sp. NOX have also been introduced 
into the AOC bioassay [155]. Using lux gene-modified P17 and NOX bacteria, the 
peak bioluminescent intensity is linearly related to the AOC concentration obtained 
from plate counts of non-mutants [155]. This result further simplifies the cell 
enumeration procedure, as AOC concentrations can be derived directly by monitoring 
peak bioluminescence. However, these modifications in cell enumeration procedures 
measure cell-associated parameters (like ATP and bioluminescence) instead of cellular 
biomasses produced from the utilization of AOC directly. A two-step conversion from 
ATP or bioluminescence levels to cell numbers, followed by converting cell numbers 
to AOC is therefore required. So, the precision of AOC concentrations determined by 
these methods depends on the robustness of the relationship between biomass and the 
cell-associated parameter, which can sometimes differ greatly for different bacteria at 
various stages of growth [38]. 
 
The greatest weakness for the AOC bioassay is perhaps the use of two pure 
culture inocula. P. fluorescens P17 was isolated from a drinking water distribution 
system in the Netherlands. Although it exhibits great nutritional versatility and has 
other growth-related advantages (e.g. no requirement for special growth factors, and an 
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ability to proliferate on simple sources of nitrogen), P17 is unable to utilize oxalate and 
other low-molecular weight carboxylic acids that are produced during ozonation in 
drinking water treatment [141]. Spirillum sp. NOX, which specializes in the 
degradation of carboxylic acids, is thus used to complement P17 catabolically in the 
AOC bioassay [145, 154]. For other waters containing maltose- and starch-like 
compounds, Flavobacterium sp. S12 has been suggested [156]. The recurring inclusion 
of additional bacterial species into the AOC bioassay underscores the inadequacy of 
pure culture bacteria to cover the diverse spectrum of organic carbon constituents that 
can make up AOC in different water samples. It has also been argued that AOC levels 
determined using P17 only constitute a small fraction of total dissolved organic carbon 
content, as compared to the biodegradable fraction obtained using natural assemblages 
of indigenous bacteria derived from the water sample [157]. A possible explanation for 
this discrepancy is loss of linearity in the relationship between P17 cell numbers 
achieved in the stationary phase and AOC content at concentrations greater than 100 
µg C of acetate/L [157]. To overcome this problem, the use of a natural microbial 
consortium autochthonous to the water sample has been suggested as a possible 
replacement inoculum for P17 and NOX [158].  
 
In addition to the aforementioned limitations, many correlations between AOC 
concentrations and biofilm formation have been increasingly challenged. At pilot 
studies involving treatment of surface waters (rivers and lakes) with RO membranes, 
AOC at levels lower than 10 µg C/L were found to support the proliferation of 
biofilms containing 107 to 108 cells per cm2 membrane area [7]. In a model water 
distribution system, biofilms (reaching 103 viable HPC per cm2) accumulated on 
polyvinyl chloride pipe surfaces within three weeks, despite the maintenance of 
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chlorine residuals (average 1.68 mg/L) in the influent water containing AOC at a mean 
level of 90 µg C/L [39]. Indeed, biofilms could be found on pipe surfaces exposed to 
drinking waters with an AOC concentration as low as 4 to 6 µg C/L [142]. This 
biofilm supported a large population of Nitrospira-related organisms, which use nitrite 
as the electron donor [142]. In this case, AOC concentrations did not limit biofilm 
formation, as microbial activity was supported by an alternative mode of autotrophic 
metabolism.  
 
2.6.2 Surface-based biofilm monitoring 
With increasing awareness that monitoring analyses performed in the bulk solution do 
not represent the extent of biofilm contamination, surface-based monitoring devices 
have been developed for the collection of biofilm information on-line, non-
destructively and in real-time. These devices can be integrated directly onto the surface 
of interest, or they can be introduced as side-stream devices if the actual site of biofilm 
development is inaccessible.  
 
One approach of monitoring biofilm biomass is based on their light scattering 
properties. The fiber-optical biofilm sensor (FOS) exploits this property for the 
detection of biofilms [159]. The tip of the optical fiber can be integrated evenly into 
the surface in question, such that biofilm formation proceeds simultaneously on both 
substrata. The attenuation of light intensity as detected by the receiving sensor is 
quantified and correlated to the extent of biofouling in the surrounding substratum 
[159]. Biofilm monitoring using the FOS device was applied to the water system of a 
brewery for a period of two years to determine its reliability under actual field 
conditions [159]. Reproducible signals were obtained when microbial colonization 
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exceeded 105 cells per cm2, and changes to the biofilm (such as those imposed by 
cleaning countermeasures) were clearly detected by the FOS. Attenuation of light 
signals by suspended particles, planktonic bacteria and other dissolved substances, 
such as humic acids and alginate, did not affect the performance of the FOS, and a 
sensitivity as low as 103 cells per cm2 has been reported [160]. Another biofilm 
monitoring device which relies on light is the Rotoscope [161]. This system consists of 
a rotating circular disc, which is partially submerged in flowing water, and the amount 
of biofilm deposits is quantified using reflected light. The Rotoscope is reported to be 
very sensitive to changes in biofilm characteristics, and can be incorporated in situ or 
into the side-stream [162].  
 
However, a pertinent problem encountered in these light-scattering devices is 
the inability to differentiate between biological and abiotic fouling. This can 
potentially lead to an overestimation of biofouling problem and independent checks to 
determine the nature of the deposits may be necessary [159]. In such cases, biofilm 
samples will have to be collected from sacrificial test surfaces. A biofilm monitoring 
device suitable for housing these test surfaces is the modified Robbins device (MRD) 
[40]. The MRD is an artificial multi-port biofilm sampler containing detachable test 
surfaces. It is typically deployed in the side-stream where the test surfaces are exposed 
to the bulk flowing fluid. Biofilms growing on these submerged surfaces can be 
aseptically removed (and replaced) and analyzed. The primary advantage associated 
with the MRD system is the large number of test surfaces (25 per MRD) that can be 
deployed for biofilm monitoring [163]. This facilitates the monitoring of biofilm 
development over extended time periods, and/or allows the simultaneous collection of 
multiple samples for different analyses at a particular point in time. The MRD has been 
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used in industrial studies for biofilm sampling on water [164, 165] and oil pipelines 
[45]. Other biofilm studies addressing the adhesion properties [166-168], and biofilm 
susceptibility to anti-microbial agents [169, 170] have also been carried out using the 
MRD. However, biofilm sampling from the MRD is potentially destructive and can 
thus cause errors in biofilm quantification [41]. In addition, nutrient gradients can exist 
along the length of the MRD, resulting in spatially variable biofilm structures. This 
may require the collection of multiple samples at different positions along its length in 
order to obtain representative biofilm information.  
 
2.7. Biofilm Control 
2.7.1 Conventional biofilm control measures 
The control of biofilms is one of the major challenges in many industrial installations. 
The presence of biofilms is often associated with inefficiencies in system performance 
and the biodeterioration of system components, leading to substantial economic losses. 
At present, the approach of most biofilm control strategies is through chemical control 
which seeks either to limit the number of viable microorganisms coming into contact 
with virgin surfaces, or to remove the established biofilms and their extracellular 
components. However, growing environmental and health concerns on the unchecked 
usage of anti-microbial chemical agents have led to more stringent regulatory 
requirements in their storage, handling, discharge and disposal, thus providing the 
impetus for the search of more environmentally sustainable alternatives. In response, a 
number of carbon and nutrient limitation strategies have evolved to complement and 
reduce the dependency on anti-microbial chemicals. 
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2.7.1.1 Chemical control strategies 
Chemical treatment strategies in biofilm control is often focused either on the 
reduction of viable microorganisms (in the planktonic and the sessile phase), or on the 
dispersal and removal of biofilm matrices. To achieve the former, the most widely 
practiced approach involves the application of biocides. A broad spectrum of biocides 
is available and their selection is dependent on the specific field of application and 
discipline (for review see: [43, 171, 172]). Based on their mode of action, biocides can 
be broadly classified as either oxidizing or non-oxidizing. Oxidizing biocides include 
free chlorine, monochloroamine, chlorine dioxide, iodine, peracetic acid, ozone, 
hydrogen peroxide, N-halo compounds (e.g. 1-bromo-3-chloro-5,5-
dimethylhydantoin), and the newly developed N-halamines (e.g. 3-chloro-2,2-dialkyl-
4,4-dimethyl-1,3-oxazolidine and trichloromelamine) [42, 173]. For non-oxidizing 
biocides, examples include aldehydes (e.g. formaldehyde, glutaraldehyde), sodium 
bisulfite, EDTA, benzoic acid, biguanides (e.g. polyhexamethylene biguanide and 
chlorhexidine), phenol derivatives, thiol oxidizing compounds (e.g. isothiazolones), 
quaternary ammonium compounds, organometallics (e.g. tributyltin oxide), and metal 
salts (e.g. copper sulfate) [42, 43].  
 
Oxidizing biocides act non-selectively and target most cellular components, as 
well as other extracellular matrices. However, this property represents a major 
drawback as the bactericidal efficacy can be severely compromised by the presence of 
non-target substances. For example, although free chlorine is effective against bacteria 
and viruses, its availability is markedly reduced in the presence of ammonia and other 
organic nitrogen compounds, which consume the chlorine to form inorganic and 
organic chloramines [43]. In contrast, non-oxidizing biocides target specific 
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components of the cell structure to bring about a loss in cellular function [43]. 
Chemicals like formaldehyde reacts with free primary amino groups, amines, amides, 
sulfides, purines and pyrimidines found in cellular components [174], while 
isothiazolones oxidize accessible thiol groups on amino acids like cysteine to 
disulphides, leading to a change in protein structure and a consequent loss of activity 
[175]. However, it has been reported that the diversity of bacteria targeted by most 
non-oxidizing biocides is low [176], and the application of only one type of non-
oxidizing biocide can potentially lead to a selection of other unaffected bacterial 
species [172].  
 
To complement the action of biocides, dispersants and surfactants are usually 
added to improve the dispersal of sessile biofilm organisms and render them more 
susceptible to bactericidal action. Surfactants disrupt hydrophobic bonds involved in 
bacterial attachment and EPS stabilisation. This weakens biofilm structural integrity 
and promotes the sloughing of cellular aggregates by fluid turbulence. In addition, 
some surfactants, such as the quaternary ammonium compounds, demonstrate cell lysis 
activity through the disruption of cell wall permeability [43]. Given the advantages, it 
has been suggested that a combination of biocides and surfactants would be more 
beneficial in controlling biofilms than any of these on their own, though specific 
programmes have to be tailored for each system to achieve optimal results [43].  
 
However, the use of biocides does not lead to sterility either in the bulk 
solution or at the water-solid interface. A continual dosage of biocides at high 
concentrations is thus necessary to attain an acceptable degree of biofouling control. 
Indeed, studies using free chlorine have showed that residuals as high as 1.5 mg/L may 
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not adequately penetrate established biofilms to achieve disinfection [43]. Another 
associated caveat with biocides is their toxicity. The biocide formaldehyde is 
carcinogenic [174], while 5-chloro-N-methyl-isothiazolone is a mutagen [177]. Even 
for free chlorine, the oxidation of natural organic matter into the potentially 
carcinogenic trihalomethanes has generated increasing concern for their widespread 
application [178]. As the environmental fate of these biocides and their disinfection 
by-products has not been thoroughly elucidated, a particular concern is that these toxic 
substances can reach drinking water sources and accumulate in food chains, which can 
ultimately threaten human lives and public health. Given these adverse environmental 
considerations, biocides may not represent an environmentally sustainable solution to 
the biofilm problem [42, 179]. 
 
2.7.1.2 Biological filtration: an organic carbon and nutrient limitation strategy 
An environmentally attractive alternative to biofilm control is the limitation of growth-
related substrates. As organic carbon and nutrient sources in the water represent 
potential biomass, the optimization of nutrient limitation techniques can in theory 
decrease the planktonic and biofilm growth of microorganisms. Carbon and nutrient 
limitation is often achieved by biological treatment or a sidestream process which 
treats a part of the process water. This strategy reduces the biofilm formation potential 
of water and therefore decreases the demand of biocides used in biofilm control 
downstream.   
 
Biological filtration was first designed for the control of bacterial regrowth and 
biological fouling in public water supply through organic carbon and nutrient removal 
[180]. Granular activated carbon, whose adsorption capacity has been exceeded, is 
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often converted into biological filters to exploit the large surface area (and the 
adsorbed organics) offered by the activated carbon for microbial colonization and 
subsequent biofilm development [181].  
 
Total organic carbon removals in these biofilters are reported to be in the range 
of 5% to 75% [182], and can be dependent on feedwater characteristics [183] and 
operational conditions, such as empty bed contact time (EBCT), temperature and 
backwash conditions [139]. The EBCT is the retention time of water in the biofilter 
and represents the potential reaction time allocated to the biofilm organisms for TOC 
degradation. A longer EBCT (and a corresponding increase in filter volume) is 
generally associated with improved TOC removal efficiencies [147, 184]. EBCTs in 
the range of 2 to 30 min have been reported [139], and a 20 min EBCT has been 
suggested to be sufficient for 90% removal of biodegradable organic carbon [185]. 
While the EBCT affects the reaction time between TOC substrates and biofilm 
organisms, the temperature influences the rate of this reaction. The importance of 
temperature has been demonstrated in both full-scale and pilot-scale biofilters where 
an increase in temperature was correlated with better biofilter performance 
characterized by a reduction in EBCT [186], improved organics removal [183] and 
increased biofilter activity [183]. However, the control of process temperature is 
operationally difficult and filter performance is usually regulated through EBCT and 
backwashing. Backwashing decreases head loss and helps to maintain adequate filter 
run times. However, these objectives have to be balanced with the need to retain 
biofilm biomass, and therefore backwashing conditions have to be carefully optimized. 
Using water in backwashing is sometimes insufficient to control headloss, and filter 
bed fluidization carried out using a combination of air and water, followed by a 
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separate water wash phase has been reported to achieve better filter run times without 
affecting treatment performance [187]. 
 
An improved understanding of the process control of biological filtration has 
led to its application in various engineering disciplines, including cooling water 
systems and reverse osmosis membranes. In recirculating cooling water systems, 
biofilter treatment improves the quality of the recirculating cooling water by reducing 
the AOC content, ATP concentrations, bacterial counts (by 30-40 fold) and turbidity, 
which improves the performance of a downstream heat exchanger in terms of biofilm 
formation, heat transfer characteristics and chlorine demands [150]. Even when it is 
employed as a sidestream process, biofiltration has been reported to achieve substantial 
reductions in nutrients and suspended biomass content in the recirculating water. The 
requirement for oxidising biocides used in biofilm control was consequently decreased 
by up to 80% [188]. Similarly, biological filtration has been demonstrated to reduce 
biofouling in RO membranes through the limitation of organic carbon and nutrients 
[151, 189]. Treatment of RO feedwater with a biofilter operating at an EBCT of 30 
min achieved 40-49% removal in AOC and 35-45% removal in DOC. The 
improvement in feedwater characteristics extended the membrane’s operational cycle 
from 72 h (without biofilter treatment) to 300 h before biofouling severely impacted 
the membrane’s performance [151].  
 
From these industrial experiences, biofiltration does appear effective in the 
control of biofilms through a combination of nutrient removal and physical exclusion. 
However, the concept of biofiltration has its drawbacks. Biological filtration is only 
suitable for treatment of waters at organic loading rates in the range of 0.36 to 1.2 kg 
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BOD/m3.d [190]. Incomplete removal of organic carbon has been reported in pilot-
scale biological filter systems at high carbon loads [191]. Even if biofiltration can 
reduce carbon concentrations to low levels, biofilms are also known to proliferate 
under oligotrophic conditions [192]. This suggests that nutrient limitation strategies 
serve to delay the onset of biofouling, and the use of other biofilm control measures 
may still be required to achieve adequate biofouling control.  
 
2.7.2 Alternative biofilm control measures 
2.7.2.1 Quorum sensing and biofilm control 
Due to these issues, efforts in biofilm control have since diverted from complete 
biofilm eradication to the prevention of biofilm formation, or the improvement of 
biofilm dispersal. Advances in molecular microbiology have also brought about new 
understanding to the biology of biofilms. The detection of N-acyl homoserine lactone 
molecules in naturally occurring biofilms [193] strongly suggests that biofilm activity 
and formation can be related to a quorum sensing (QS) mechanism, which controls 
gene expression in many gram-negative bacteria. A P. aeruginosa mutant, which was 
deficient in the las QS system, was subsequently shown to be dispersed by SDS 
treatment [194], and, for the first time, suggested the possibility of achieving biofilm 
control by QS disruption.  
 
Although bacteria are generally independent unicellular organisms, certain 
bacterial species exhibit coordinated behavior, which allows its entire population to 
perform a particular function in unison, or, at least, to modify their individual activity 
in response to the size of the colony around them. This cell density dependent 
regulation is termed quorum sensing, and in gram-negative bacteria, the QS system 
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hinges upon the production of small, diffusible autoinducer compounds, typically N-
acyl homoserine lactone (AHL) derivatives. The autoinducers are produced at a basal 
level when the cell density is low, and diffuse out of the cells into the surrounding 
environment. In the presence of high cell populations, the AHL concentration 
accumulates to a level required for transcriptional activation. The autoinducer 
molecules then diffuse back into the cell where they interact with transcriptional 
activators. This results in the induction of the quorum response and triggers the 
expression of QS regulated genes. At the same time, there is a positive regulation of an 
autoinducer synthetase to produce more autoinducers and sustain the expression of 
those QS regulated genes.  
 
To date, QS is known to be responsible for a number of bacterial phenotypes, 
including bioluminescence in Vibrio fischeri [195], conjugal transfer of the Ti plasmid 
in Agrobacterium tumefaciens [196], extracellular virulence of P. aeruginosa [197], 
swarming motility in Serratia liquefaciens [198], as well as virulence and exoenzyme 
production in the plant pathogen Erwinia carotovora [199]. With the detection of 
AHLs in naturally occurring biofilms [193], QS mechanisms appear to be involved in 
the activity of biofilms, or at least in the activity of certain bacterial populations within 
the biofilm. In the development of P. aeruginosa biofilms, the las QS system was 
shown to be important in the differentiation of biofilm structures, and a lasI mutant 
biofilm was unable to form the characteristic, three dimensional biofilm architecture 
produced by the wild type P. aeruginosa cells [194]. Further, the lasI mutant biofilm 
was detached easily from the substratum (within 5 min) upon exposure to 0.2% SDS, 
compared to the wild type biofilm which showed no appreciable change after 24 hours 
of SDS treatment. This result has important implications as it suggests the possibility 
 Literature Review 
 56
for achieving biofilm control through QS inhibition. Subsequent work also relates QS 
to other aspects of biofilm formation. Twitching motility, which is responsible for 
microcolony formation in P. aeruginosa is found to be affected by the rhl QS system 
through the export and/or assembly of pilin into functional pili, although pilin 
synthesis is not directly affected [200]. Both the las and rhl QS systems were also 
shown to be involved in the early stages of biofilm development [80], which are 
characterized by attachment and microcolony formation, and further suggests that it 
may be possible to prevent the formation of a biofilm by interfering with QS systems.  
 
Given the intricate link between QS and biofilm development, disruption to the 
QS system is likely to cause aberrations in biofilm formation that potentially can be 
exploited for their eradication. As the autoinducer molecule is the key cofactor in the 
QS systems of many gram-negative bacteria, limiting the ambient concentrations of 
autoinducers could be a viable strategy. This can be achieved either by regulating the 
cellular production of autoinducers, or by autoinducer degradation. One example of an 
autoinducer degrading enzyme is the AiiA protein, which specifically inactivates the 
AHL-type autoinducers. This protein is encoded by the aiiA gene from the gram-
positive bacterium Bacillus sp. 240B1, and in vitro tests have shown that it is able to 
reduce the activity of three autoinducer molecules (N-3-oxo-hexanoyl HSL, N-3-oxo-
octanoyl HSL and N-3-oxodeconoyl HSL) to very low levels [201]. The aiiA gene was 
further introduced into E. carotovora strain SCG1, whose QS regulated virulence is 
related to the production of plant cell wall-degrading enzymes. The attenuation of QS 
regulated processes by the expression of AiiA protein is apparent when the 
transformed E. carotovora did not cause rotting in cabbages, cauliflower and tobacco 
plants that had been inoculated with this strain for one week [201]. Subsequent work 
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revealed that the AiiA protein is an AHL lactonase, which hydrolyses the ester bond in 
the homoserine lactone ring in AHLs [202].  
 
Other than the AiiA protein, a Variovorax paradoxus isolate capable of 
degrading AHLs has also been identified, and the release of homoserine lactones from 
AHLs indicates the secretion of an aminoacylase by this bacterial isolate [203]. It is 
further reported that oxidized halogen biocides, such as hypochlorous and 
hypobromous acid, can react with AHLs containing a 3-oxo group [204]. This finding 
is intriguing as it raises the possibility that oxidized halogen biocides may control 
biofilm formation by interfering with 3-oxo-AHL-based signaling, other than by the 
usual cidal mechanism.  
 
2.7.2.2 Titanium dioxide photocatalysis 
Scientific interest in the semiconductor material titanium dioxide (TiO2) began in the 
late 1960s with research in photoelectrochemical solar energy conversion. Using a 
system of n-type TiO2 semicoductor electrode connected to a platinum black counter 
electrode, exposure to near-UV light (< 415 nm) at the TiO2 electrode generated a 
photocurrent [205]. An important reaction in this photoelectrolysis process is the 
generation of electron-hole pairs at the TiO2 electrode. When this electrode receives 
photons with energies greater than its band gap, the photogenerated electron-hole pair 
separates with the electron moving towards the Pt electrode and the holes towards the 
solid-water interface where water molecules are oxidized to oxygen. This reaction can 
however, be short-circuited using an electrically isolated TiO2 surface [205]. In this 
case, UV-illuminated TiO2 also generates excess electrons in the conduction band (e-cb) 
and positive holes in the valence band (h+vb) (Eq 2.1) [206]. At the TiO2-water 
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interface, the holes react with adsorbed water molecules and surface OH- groups 
forming hydroxyl free radicals (·OH) (Eqs 2.2, 2.3). The e-cb react with molecular 
oxygen to produce superoxide ions (Eq 2.4) that disproportionate to give more ·OH 
radicals (Eq 2.5). 
 
TiO2 + hv (v < 400 nm) Æ e-cb + h+vb (2.1) 
h+vb + H2O (adsorbed on TiO2) Æ ·OH (2.2) 
h+vb + OH- (surface of TiO2) Æ ·OH (2.3) 
e-cb + O2 (aq) Æ O2·- (2.4) 
2O2·- + 2H2O Æ 2·OH + 2OH- + O2 (2.5) 
 
The photogenerated holes on the surface of TiO2 are highly oxidizing with a 
redox potential of +2.53 V versus the standard hydrogen electrode [205]. Its reactions 
with water can also produce ·OH radicals whose redox potential is comparable (+2.27 
V). The production of strong oxidants also suggests a potential role of TiO2 in 
environmental purification. Further, TiO2 itself is highly stable, inexpensive and non-
hazardous [205]. There is also no consumption during the photocatalytic process, 
which requires only long-wavelength UV light (e.g. found in natural sunlight) for 
activation [207]. Given these near-ideal properties, the photocatalytic decomposition of 
cyanide in water was first demonstrated in 1977 [208]. TiO2-based photocatalytic 
oxidation has since been extended to diverse disciplines [205] with applications in 
water purification, air cleaning, self-cleaning or self-sterilizing surfaces and even 
shows anti-tumour activity [205].  
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The strong and indiscriminate oxidants produced during TiO2 photocatalysis 
have also been exploited for their bactericidal activity. The bactericidal effect of TiO2 
has, so far, been demonstrated on several microbes (e.g. E. coli [206, 207, 209-212], P. 
aeruginosa [213-215], Lactobacillus acidophilus [210], Streptococus sobrinus [216], 
Salmonella typhimurium [215], and Enterobacter cloacae [215]), yeasts (e.g. 
Saccharomyces cerevisiae [210]), algae (e.g. Chlorella vulgaris [210]) and a number 
of viruses (e.g. phage MS2 [217] and poliovirus [218]). Bactericidal efficacy of TiO2 
photocatalysis is dependent on the dose, incident light intensity and the concentration 
of dissolved oxygen [207], but near complete inactivation of suspended bacterial cells 
can be typically achieved using a TiO2 (in anatase form) dose of 1.0 mg/mL and 
irradiated under UV for 60 min [207, 212, 215]. Increasing TiO2 dose to > 1.0 mg/mL 
do not usually result in improved inactivation efficiency (in terms of percentage 
bacterial inactivation or the rate of inactivation), and this has been attributed to a 
reduction in light penetration due to the formation of a TiO2 emulsion with strong light 
scattering properties [216].  
 
UV/TiO2 inactivation efficacy for organisms with complex cell wall structures 
is also impaired. The alga C. vulgaris, which has a thick cell wall consisting mainly of 
polysaccharides and pectin, retained high levels of cellular viability after 120 min of 
UV/TiO2 treatment [210]. This suggests that UV/TiO2 inactivation occurs via cell 
membrane disruption. Using S. sobrinus as the model organism, TiO2 photocatalytic 
treatment resulted in a leakage of intracellular potassium within five min, indicating an 
increase in cell membrane permeability [216]. This was followed by the leakage of 
intracellular protein and RNA for a reaction time of up to 120 min. The increase in 
membrane permeability was identified subsequently to be related to cell membrane 
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damage by the peroxidation of polyunsaturated phospholipids, leading to a subsequent 
loss in the respiratory activity of E. coli [212]. Besides damage to the cell membrane, 
the bactericidal action of UV/TiO2 is also attributed to abnormal cellular division 
[214], and the dimerization of coenzyme A involved in respiratory activity [210]. 
 
The bactericidal efficacy of TiO2 photocatalytic oxidation has drawn 
considerable interest as it avoids the formation of potentially carcinogenic disinfection 
byproducts commonly associated with chlorination [215]. Its use as an alternative to 
current water disinfection technologies has been tested with different types of water 
matrices including tap water [206], pond water [206] and secondary wastewater 
effluent [218]. Although the near complete disinfection of E. coli in tap water was 
achieved after a 9-min UV illumination, low inactivation efficiencies were observed 
for heterotrophic plate counts (HPC) in pond water (~ 1 log unit inactivation) and 
coliform bacteria in secondary effluent (~ 2 log units inactivation) even after 30 min of 
UV irradiation [206, 218]. In the two latter water types, this apparent discrepancy was 
ostensibly attributed to presence of organic matter and other suspended materials, 
which competitively consumed the photogenerated oxidants [206]. For example, the 
pond water was described to be a highly-coloured matrix containing large amounts of 
algal material. Inactivation of HPC and colour was only achieved in this case with the 
addition of chemical additives that increased ·OH free radical flux in the UV/TiO2 
process [206].  
 
Despite these limitations, UV/TiO2 technology has been successfully applied in 
a number of lab- and pilot-scale studies. A chlorine resistant parasite Strongyloides 
stercolaris was shown to be completely removed within 10 min in a pilot-scale 
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UV/TiO2 system [219]. In another lab-scale membrane photocatalytic oxidation 
reactor, E. coli removal up to 99% was accompanied by the evolution of carbon 
dioxide, suggesting a mineralization of microbial cell material [220]. A complete 
oxidation of microbial cell material to carbon dioxide is attractive, especially in the 
control of microbial biofouling in RO membranes. The incorporation of TiO2 
nanoparticles onto RO membranes has therefore been described as a novel solution to 
the biofouling problem [221], since it achieves the dual objectives of self-sterilizing 
and self-cleansing at the same time. However, the bactericidal (and mineralization) 
efficacy of TiO2 photocatalysis on biofilm cells has not been described in the literature. 
Furthermore, the integration of UV irradiation into a spiral-wound RO membrane 
module also represents a significant practical challenge.  
 
2.8. Concluding Remarks 
Biofilms, previously perceived as simple amalgamations of randomly distributed 
sessile cells, are now perceived to be organized microbial societies with their own 
defenses and communication systems. Due to their ubiquitous nature, there is constant 
pressure to combat biofilms in a large variety of situations, ranging from membrane 
biofouling to bacterial infections. With new understanding into the biology of biofilms, 
the direction for the effective control of biofilms is clear. The approach will lie in an 
improved understanding of biofilm formation that will guide development of novel 
biofilm control alternatives specifically targeting the biofilm phenotypes. Ideally, these 
approaches should prevent biofilm formation, or promote biofilm dispersion, and at the 
same time be non-toxic and self-sustaining. The support of an effective biofilm 
monitoring program would also be required help administer these control measures in 
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3. Materials and Methods 
3.1 Biofilm Samples 
In this study, biofilm samples were either collected from environmental sources or 
artificially cultivated as mixed population biofilms using different types of wastewater.  
 
3.1.1 Membrane biofilms 
Membrane biofilms were collected from three different membrane processes. The first 
sample (denoted as MBR-RO) was retrieved from a lab-scale RO membrane module 
used for wastewater reclamation (Figure 3.1; Table 3.1 for membrane technical 
specifications and operating conditions) [222]. Feedwater to this thin film RO 
membrane element (GE Osmonics, Minnetonka, MN) was the effluent from a 
membrane bioreactor treating primary settled wastewater of 60% industrial and 40% 
municipal origin. For the mitigation of membrane fouling, a chemical cleaning routine 
was initiated when a 30% increase in driving pressure was observed. A chemical 
solution of EDTA (0.84 wt.%) and sodium tripolyphosphate (2.03 wt.%) was used for 
the cleaning of organic foulants, while a citric acid solution (2.0 wt. %, pH 4) was used 
for colloidal and scale removal. No measure to control biological fouling was 
undertaken for this membrane module. 
 
Another environmental biofilm sample (SE-MF) was recovered from a full-
scale MF membrane unit [109]. Secondary effluent from a domestic wastewater 
treatment plant was pretreated using a 300-µm filter before it was passed into the 
hollow fibre MF module. 
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The last membrane biofilm sample (PW-RO) was collected from a full-scale 
spiral-wound RO membrane module used in potable water purification [109]. The RO 
system was operated at 75% recovery and a pressure of 1,500 – 1,800 kPa. This 
produced a permeate flow of 6 m3/h. Conventional sand filtration was used as pre-
treatment and, in addition, anti-scalants and biocides were added to minimize scaling 












Figure 3.1. Schematic diagram of the lab-scale integrated MBR-RO system used for 
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Table 3.1: Technical specifications and operating conditions of the RO membrane 
module. 
  
 Reverse osmosis membrane  
(AG2514TF, GE Osmonics) 
Configuration Spiral-wound; 28 mil feed spacers 
Membrane polymer Polyamide thin film composite 
Active membrane surface area (m2) 0.6 
Operating Pressure (kPa)  
Typical 827 – 1034 (120 – 150 psi) 
Maximum allowable 3103 (450 psi) 
Recovery ratio (%) 10 – 15 
Operating axial flow rate (L/h) 24 
Operating permeate flux (L/m2.h) 4 
NaCl rejection* (%)  
Average  99.5 
Minimum 99.0 
Maximum operating temperature (oC) 50 
pH range  
Optimum rejection range 7.0 – 7.5 
Allowable operating range 4.0 – 11.0  
Allowable cleaning range 2.0 – 11.5  
Chlorine tolerance 1000 ppm-h 
 Dechlorination recommended 
  
*Manufacturer’s data and is based on a 2000 mg/L NaCl solution and operated at 
1551 kPa (225 psi) net pressure, 15% recovery ratio, pH 7.5 and 25oC after 24 h. 
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3.1.2 Secondary Effluent- and Biofilter Effluent-Biofilms 
Secondary effluent was obtained from a local wastewater treatment plant. As this 
secondary effluent served as feed to a biofilter, it was continuously aerated to maintain 
a dissolved oxygen level of 6.0 mg/L. The biofilter consisted of a column packed with 
washed coarse sand (effective size: 2.4 mm diameter, uniformity coefficient: 1.2), and 
was in operation for two consecutive experimental periods, designated Run 1 (84 days) 
and Run 2 (98 days). During each run, the biofilter was operated at an empty bed 
contact time of 20 min and a discharge rate of 20 mL/min at room temperature (28 to 
30oC). Backwash was carried out once every two days for 10 min to prevent excessive 
head loss. 
 
The biofilter effluent was used to cultivate biofilms in sterile microtiter plates 
and on glass slides submerged in a flow channel. Another flow channel was irrigated 
with the secondary effluent without further treatment. The average effluent velocity in 
these channels was 0.27 cm/min, and stagnation conditions did not occur within the 
wells of microtiter plates as assessed visually when a dye was used to trace the 
hydraulic flow profile. Microtiter plates and glass slides were sampled for biofilm 
analysis on alternate days over a 12-day period beginning Day 72 and 86 for runs 1 
and 2, respectively.  BF_2 and SE_6 etc. denoted biofilms cultivated on biofilter 
effluent on Day 2 and secondary effluent on Day 6, respectively. 
 
3.2 Water quality analyses 
Water quality analyses were only performed on the secondary effluent and biofilter 
effluent described in the previous section. These wastewaters were filtered through a 
0.45 µm membrane filter (Pall Corporation, Ann Arbor, Mich.) before analyses. 
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Dissolved organic carbon (DOC) content was determined regularly in triplicate over 
the entire duration of runs 1 and 2 using a Model 101 Wet Oxidation Total Carbon 
Analyzer (O.I. Analytical, College Station, Texas) in accordance with Standard 
Methods [223]. DOC removal efficiency of the biofilter was calculated by expressing 
the difference in DOC concentrations between biofilter influent (i.e. secondary 
effluent) and effluent as a percentage of DOC concentration in the influent. 
Ammonium, nitrate, nitrite, phosphate and sulfate were only analyzed in Run 2 
whenever biofilm samples were collected. Their concentrations were measured by ion 
chromatography using a DX500 Chromatography System (Dionex, Sunnyvale, Calif.) 
as described elsewhere [223].  
 
3.3 PCR-Based Molecular Analyses 
3.3.1 Sample collection and total community DNA extraction 
Biofilm samples on membrane surfaces (with the exception of the SE-MF sample) and 
glass slides were treated in a similar manner. The biofilm samples together with their 
substrata were transferred into sterile 1x phosphate buffer saline (PBS) solution. Three 
gentle changes of 1x PBS were carried out to remove loosely adhered cells. Biofilm 
material was then physically scrapped off using sterile cotton buds and resuspended in 
fresh 1x PBS by vortexing. For the glass slide samples, probe sonication (Vibracell, 
Sonics) at 4 W over five 10-sec bursts was also performed prior to manual scrapping. 
The biofilm materials were collected by centrifugation at 16,440 x g for 10 min, and 
the cell pellets were stored at -80oC until DNA extraction. For the SE-MF sample, 
manual scrapping was replaced by a bead beating procedure for direct cell lysis.  
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 Total community DNA was extracted using a previously described protocol [224]. 
The cell pellets were first resuspended in lysis buffer (100 mM Tris-HCl, 100 mM 
EDTA, 0.75 M sucrose). Lysozyme (1.0 mg/L) and achromopeptidase (100 µg/L) were 
added and the suspension was incubated at 37oC for 30 min. Proteinase K (200 µg/L) 
and sodium dodecyl sulfate (1% wt/vol) were then added and the mixture was further 
incubated at 37oC for 2 h. During this period, the tubes were gently inverted several 
times every 30 min. Hexadecyltrimethyl ammonium bromide (1% wt/vol) and sodium 
chloride (0.7 M) were added and incubated at 65oC for 20 min. The mixture was then 
extracted twice by equal volumes of phenol-chloroform-isoamyl alcohol (25:24:1). 
Extraction by equal volumes of chloroform-isoamyl alcohol (24:1) was subsequently 
performed twice.    DNA was precipitated overnight using 1 volume of isopropanol at  
-20oC and recovered by centrifugation at 16,440 x g for 10 min. The DNA pellet was 
washed with 70% ethanol and dissolved in ultrapure water.  
 
 For the SE-MF sample, hollow fibres excised from the MF module were mixed 
with lysis buffer containing 0.25 g glass beads and subjected to mechanical beating at 
4800 rpm. Mechanical beating was carried out in three cycles of 1 min on and 1 min 
off (in which the sample was placed on ice). The lysis buffer containing crude DNA 
extracts was transferred into a new tube, in which proteinase K and sodium dodecyl 
sulfate were added. Subsequent additions of hexadecyltrimethly ammonium bromide 
and sodium chloride, phenol-chloroform purification and DNA precipitation were 
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3.3.2 Polymerase chain reaction 
Polymerase chain reaction using primers targeting the 16S rRNA gene (Table 3.2) was 
performed in 50 µL reaction mixtures containing 1x PCR buffer, 200 µM of each 
deoxynucleoside triphosphate (dNTP), 2.5 mM of MgCl2, 0.2 µM of each primer and 
1.25 U of Taq DNA polymerase (Promega, Madison, Wisc.). DNA amplification was 
carried out using a model iCycler thermal cycler (Bio-Rad, Hercules, Calif.). PCR 
cycling conditions consisted of an initial denaturation step of 94oC for 3 min, followed 
by 30 cycles of denaturation (94oC for 30 s), annealing (55oC for 40 s) and extension 
(72oC for 1.5 min), and a final extension at 72oC for 7 min. PCR products were 
verified by a 1% agarose electrophoresis in 1 x TAE buffer and purified using the 
QIAquick PCR purification kit (Qiagen, Chatsworth, Calif.) according to the 
manufacturer’s instructions.  
 
For the primer set nirK1F-nirK5R targeting the nirK gene [225], PCR 
amplification was performed in 50 µL aliquots containing 1x PCR buffer, 2.5 mM 
MgCl2, 200 µM of each dNTP, 5 µM of each primer, 20 µg BSA and 1.0 U of Taq 
polymerase. The PCR thermal cycling programme included an initial denaturation at 
95oC for 5 min, and a subsequent “touchdown” PCR procedure [226] consisting 30 
cycles. In the first 10 cycles, each cycle consisted of a denaturation step at 95°C for 30 
s, an annealing step for 40 s, and an extension step at 72°C for 40 s. During this period, 
the annealing temperature was decreased stepwise by 0.5°C per cycle from 56°C to 
51°C. The subsequent 20 cycles were performed at an annealing temperature of 54°C. 
A final extension at 72oC for 7 min was performed after the 30 cycles.  
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3.3.3 Terminal restriction fragment length polymorphism 
Terminal restriction fragment length polymorphism (T-RFLP) was performed 
according to a previously described protocol [224]. Total community DNA was 
amplified by PCR using primer set 47F-927R. To remove partially single-stranded 
DNA that could contribute to the generation of pseudo-terminal restriction fragments 
[227], the PCR products were digested with mung bean nuclease (New England 
BioLabs, Beverly, Massac.). The resulting PCR products were then purified using a 
QIAquick PCR purification kit, and digested using a tetrameric restriction enzyme.  
 
Table 3.2. Sequences of primers used in this study. 
Primer Specificity Positiona Sequence (5’ -  3’) Ref 
1392R Universal 16S, 1392 – 1406 ACG GGC GGT GTG T(A/G)C [228] 
11F Bacteria 16S, 11 – 27 GTT TGA TCC TGG CTC AG [229] 
1512R Bacteria 16S, 1512 – 1527 GGC TAC CTT GTT ACG ACT T [230] 
47Fb Bacteria 16S, 47 – 66 C(C/T)T AAC ACA TGC AAG TCG [108] 
927R Bacteria 16S, 927 – 942 ACC GCT TGT GCG GGC CC [231] 
968FGCc Bacteria 16S, 968 – 984 AAC GCG AAG AAC CTT AC [232] 
338R Bacteria 16S, 338 – 355 GCT GCC TCC CGT AGG AGT [233] 
1088R Bacteria 16S, 1088 – 1107 GCT CGT TGC GGG ACT TAA CC [25] 
M13F TOPO TA 
Cloning® 
vector 
N. A.d GTA AAA CGA CGG CCA G Invitrogen 
M13R TOPO TA 
Cloning® 
vector 
N. A.d CAG GAA ACA GCT ATG AC Invitrogen 
nirK1Fb nirK gene 526 – 542 GG(A/C) ATG GT(G/T) CC(C/G) TGG CA [225] 
nirK5R nirK gene 1023 – 1040 GCC TCG ATC AG(A/G) TT(A/G) TGG [225] 
     
a Positions of 16S rRNA gene are based on Escherichia coli, and nirK gene on Alcaligenes faecalis. 
b A Cy5 fluorescent dye was labeled at the 5’ end.  
c A 40 bp GC clamp (5’-CGCCCGGGGCGCGCCCCGGGCGGGGCGGGGGCACGGGGGG-3’) was included at 
the 5’ end.  
d N. A.: Not applicable.  
 
PCR amplicons were usually analysed by three separate digestions using MspI, 
RsaI, and HhaI (New England BioLabs), while PCR products from the nirK1F-nirK5R 
primer set were individually digested with MspI and HaeIII. Restriction enzymes were 
supplied at a final concentration of 2.0 U/µL and digestion was performed at 37oC for 
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3 h. The digested products were then incubated at 65°C for 20 min (to inactivate the 
restriction enzymes) and immediately chilled on ice.  
 
The digested products were loaded into a model CEQTM 8000 Genetic Analysis 
sequencer (Beckman Coulter, Fullerton, Calif.) and separated at 55°C and 4.8 kV for 
60 min.  The lengths of Cy5-labeled fragments were determined by comparison with 
internal standards using the CEQTM 8000 Genetic Analysis System software. T-RFLP 
fingerprints for each sample were obtained based on the average fingerprinting profiles 
of two separate analyses.  Clustering of different T-RFLP fingerprints was performed 
using MINITABTM Statistical Software, Release 14. Hellinger distance was calculated 
from the Euclidean distance after square root transformation of relative peak areas 
[234]. A distance matrix based on Hellinger distance was computed, and a dendrogram 
was generated using Ward’s hierarchical clustering method [235].  
 
3.3.4 16S rRNA gene clone libraries and phylogeny analysis 
16S rRNA gene clone libraries were constructed using PCR amplicons of the bacterial 
primer set 11F and 1512R. Cloning of Taq polymerase-amplified PCR products was 
carried out using a TOPO TA Cloning® kit (Invitrogen, Carlsbad, Calif.) according to 
manufacturer’s instructions. Kanamycin (50 µg/mL) was used to select for E. coli cells 
with successful transformation, while X-gal (5-bromo-4-chloro-3-indolyl-beta-D-
galactopyranoside) was used to discriminate between colonies containing the inserted 
PCR product (appearing as white) and those which did not (blue). White E. coli 
colonies were then used as sources of DNA template for direct PCR amplification with 
the vector-specific M13F-M13R primer set. To reduce the number of clones submitted 
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for DNA sequencing, the clones were screened by restriction fragment length 
polymorphism (RFLP) or denaturing gradient gel electrophoresis (DGGE) [236].  
 
For RFLP, the M13 PCR products were digested individually by RsaI and 
HhaI, and separated by 1.5% agarose electrophoresis. Based on the RsaI- and HhaI-
digested patterns, distinct operational taxonomic units (OTUs) were identified and 
submitted for DNA sequencing. For DGGE screening, M13 PCR products were 
diluted up to 50-fold and used as DNA template in subsequent PCR reactions 
containing the primer set 968FGC-1392R. The 968FGC-1392R PCR products were 
then loaded into a 6% polyacrylamide gel containing an increasing gradient of 
formamide concentration (40% to 60%). Electrophoresis was carried out at 200 V and 
60oC for 3 h in a DCodeTM Universal Mutation Detection System (BioRad). Silver 
staining was then used to visualize the electrophoretic position of each PCR fragment, 
and those fragments at the same electrophoretic position were considered to be a 
unique OTU. 
 
Each OTU from the screening process was submitted for DNA sequencing. The 
Sanger reaction was performed using the GenomeLabTM Dye Terminator Cycle 
Sequencing Quick Start Kit (Beckman Coulter) according to manufacturer’s 
instructions. Primers 11F, 338R, 1088R and 1512R were used to obtain near complete 
16S rRNA gene sequences (> 1300 bp). The thermal cycling conditions consisted of 30 
cycles of 96oC for 20 s, 50oC for 20 s and 60oC for 4 min. The products were then 
purified by ethanol precipitation and loaded into the CEQTM 8000 Genetic Analysis 
System (Beckman Coulter). Capillary electrophoresis was then performed at 4.0 kV 
and 50oC for 90 min. 
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The partial sequence obtained for each OTU was then compared to 16S rRNA 
gene sequences in GenBank using the NCBI BLAST programme [237]. Chimeric 
artifacts were detected using the CHECK-CHIMERA tool available at the Ribosomal 
Database Project [238], as well as the Pintail programme [239]. The phylogenetic tree 
was prepared in MEGA3 [240] by applying the neighbour joining algorithm (bootstrap 
replicates: 1000) to the Jukes-Cantor distances computed for the aligned sequences. 
 
3.4 Microscopy-Based Molecular Analyses 
3.4.1 Fixation and embedding 
Biofilm samples on membrane surfaces and glass slides were carefully transferred into 
4% paraformaldehyde [241] or 50% ethanol [242]. Fixation was carried out at 4oC for 
3 h. The fixative was then discarded and replaced with 1x PBS. To preserve biofilm 
structural integrity, the biofilms were embedded with a thin layer of polyacrylamide 
gel [73]. Spacers of 0.5 mm thickness were placed between the biofilm substratum (i.e. 
membrane surface or glass slide) and another clean glass slide, and a mixture of 20% 
acrylamide monomer (37.5:1 acrylamide:bis-acrylamide), 0.05% ammonium persulfate 
and 0.5% N,N,N’,N’–Tetra-methylethylenediamine was gently pipetted to fill the thin 
space created. Upon polymerization, the embedded biofilms were stored in a 
humidified Petri dish sealed with parafilm at 4oC. They were then cut up into small gel 
blocks before use in subsequent microscopic applications. 
 
3.4.2 Fluorescence in situ hybridization 
Cyanine 3 (Cy3)-labeled oligonucleotide probes EUB338I/II/III, ALF1b, BET42a, 
GAM42a, CF319a and HGC69a were hybridized individually to the embedded 
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biofilms. Each biofilm gel block was completely covered with 50 µL of hybridization 
buffer (0.9 M NaCl, 20 mM Tris/HCl pH 7.4, 0.01% SDS) containing 125 ng of probe 
at different formamide concentrations (Table 3.3). Hybridization was performed in a 
sealed humidified chamber at 46oC for 3 h and washed at 48oC for 1 h using a wash 
buffer consisting of 20 mM Tris/HCl pH 7.4, 0.01% SDS, and a reduced amount of 
NaCl. To ensure specificity, hybridization with Cy3-labeled BET42a (or GAM42a) 
probe was coupled with an unlabeled GAM42a (or BET42a) competitor [241].  
 
Table 3.3. Oligonucleotide probes used in FISH analysis 
Probe Specificity rRNA positiona Sequence (5’ to 3’) FA (%)b Ref 
EUB338c Most Bacteria 16S, 338 – 355 GCT GCC TCC CGT AGG AGT 35 [233] 
EUB338-IIc Planctomycetales and 
other Bacteria not 
detected by EUB338 
16S, 338 – 355 GCA GCC ACC CGT AGG TGT 35 [243] 
EUB338-IIIc Verrucomicrobiales 
and other Bacteria not 
detected by EUB338 
16S, 338 – 355 GCT GCC ACC CGT AGG TGT 35 [243] 
ALF1b Alphaproteobacteria 16S, 19 – 35 CGT TCG (C/T)TC TGA GCC AG 25 [241] 
BET42a Betaproteobacteria 23S, 1027 – 1043 GCC TTC CCA CTT CGT TT 35 [241] 
GAM42a Gammaproteobacteria 23S, 1027 – 1043 GCC TTC CCA CAT CGT TT 35 [241] 
CF319a Cytophaga-
Flavobacterium 
cluster of the CFB 
phylum 
16S, 319 – 336 TGG TCC GTG TCT CAG TAC 35 [244] 
HGC69a Actinobacteria 23S, 1901 – 1918 TAT AGT TAC CAC CGC CGT 25 [242] 
      
a Based on Escherichia coli rRNA numbering. 
b Percentage formamide in the hybridization buffer. 
c Probes EUB338, EUB338-II, and EUB338-III were used as a mixture. 
 
3.4.3 Live/Dead staining 
After performing FISH, the embedded biofilm samples were stained with the 
fluorescent DNA dye SYTO 9, part of Live/Dead BacLight Bacterial Viability Kit 
(Molecular Probes, Eugene, Oreg.). 50 µL of SYTO 9 solution was used to completely 
cover the biofilm gel block, which was then incubated at room temperature for 15 min. 
To visualize dead cells, biofilm samples were directly incubated in a mixture of SYTO 
9 and propidium iodide according to the manufacturer’s instructions without prior 
fixation or embedding.  
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3.4.4 Lectin staining of biofilms 
Tetramethyl rhodamine isothiocyanate (TRITC) labeled lectin concanavalin A (Sigma, 
St Louis, MO) was used to stain exopolysaccharides made up of α-mannose and α-
glucose sugar residues. The embedded biofilms were first hybridized with a 
fluorescein isothiocyanate (FITC) labeled EUB338 probe before lectin staining. 50 µL 
of lectin (final concentration 100 µg/mL) was added to each block of embedded 
biofilm and incubated in the dark for 20 min. The lectin stain was discarded and the gel 
block was rinsed by pipetting up and down 50 µL of 1x PBS buffer. Four separate 
rinses were carried out on the gel block before microscopic examination.  
 
3.4.5 Microscopy and image analysis 
Microscopic images of hybridized/stained biofilms were acquired using a confocal 
laser scanning microscope (CLSM) model LSM 5 Pascal (Carl Zeiss, Jena, Germany) 
under a 63x/1.4-numerical-aperature Plan-Apochromat oil immersion DIC lens. 
Fluorescence conferred by STYO 9 and FITC were acquired at excitation 488 nm and 
emission 505-530 nm, while signals from Cy3 and TRITC were acquired at excitation 
543 nm and a long-pass emission filter at 560 nm. At least eight microscopic fields 
(corresponding to a total area of > 1.7 x 105 µm2) was acquired to obtain statistically 
valid determinations of cell numbers within intact biofilms [245]. Based on the CLSM 
image stack, the COMSTAT software [135] computed the quantitative biofilm 
parameters of biovolume (µm3 per µm2 area), surface coverage (%), average thickness 
(µm) and surface-area-to-biovolume ratio (µm2 per µm3). Comparison of biofilm 
parameters using the paired t test, one-way/two-way analysis of variance (ANOVA), 
and Tukey’s method for pairwise comparison were all performed using MINITABTM 
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statistical software, release 14. P-values less than 0.05 were considered statistically 
significant. 
 
3.5 Bacterial isolation 
The cultivation of bacterial isolates was performed on the three membrane biofilm 
samples. For the MBR-RO and PW-RO biofilms, bacterial biomass was recovered by 
manual scrapping using cotton buds, followed by resuspension in 1x PBS by 
vortexing. Biomass from the SE-MF biofilm was recovered by vigorously vortexing 
the hollow fibres directly in 1x PBS. The bacterial suspensions were then serially 
diluted in 10 mL volumes and plated on R2A agar in triplicate. The plates were sealed 
with parafilm and incubated at 30oC in the dark. After 2 – 4 weeks of incubation, 
bacterial colonies were randomly picked and streaked onto fresh plates to ensure 
purity. Pure culture biomass from these agar plates was resuspended in 1.5 mL R2A 
broth containing 15% glycerol and preserved at -80oC. Biomass from single colonies 
was also harvested and used as DNA template in PCR. Primer set 11F-1512R was used 
to amplify the 16S rRNA gene and screening was based on the RFLP patterns of two 
tetrameric restriction enzymes (either RsaI and MspI, or RsaI and HhaI). Partial 16S 
rRNA gene sequences (> 1300 bp) of those bacterial isolates with different RFLP 
patterns were obtained for identification of their phylogenetic affiliation. 
 
3.6 Bacterial strains and growth media 
All the bacterial strains were cultivated in growth media prepared from reagent grade 
chemicals. Pseudomonas putida strain OUS82 and Pseudomonas sp. strain B13 were 
gifts from T. Tolker-Nielsen at Technical University of Denmark. Pseudomonas 
fluorescens strain P17 was the organism used in the assimilable organic carbon 
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bioassay [141]. All three Pseudomonas spp. were grown on Luria-Bertani (LB) agar, 
which was amended with 50 µg/mL kanamycin and 10 µg/mL tetracycline for OUS82 
and B13 respectively. For batch cultivation, a single colony was inoculated into LB 
broth (anti-biotic-amended as required) and incubated overnight at 30oC with vigorous 
shaking (180 rpm). For biofilm studies in flow cell systems, OUS82 and B13 were 
cultivated in a medium containing 1.51 mM (NH4)2SO4, 3.37 mM Na2HPO4, 2.20 mM 
KH2PO4, 179 mM NaCl, 0.01 mM CaCl2, 0.1 mM MgCl2, 1 µM FeCl3, and trace 
minerals [78]. The carbon source used depended on the type of study. 1 mM citrate 
was used for TiO2-based biofilm control studies, while 10 mM glucose was used for 
biofilm control studies involving AiiA enzyme. 
 
For the bacterial isolates retrieved from the MBR-RO, PW-RO and SE-MF 
biofilm, the culture medium was R2A agar containing 0.5 g of yeast extract, 0.5 g of 
proteose peptone, 0.5 g of casamino acids, 0.5 g of glucose, 0.5 g of soluble starch, 0.3 
g of K2HPO4, 0.05 g of MgSO4.7H2O, 0.3 g of sodium pyruvate and 15 g agar powder 
per litre of ultrapure water [103]. Preserved cultures stored at -80oC were revived by 
streaking on R2A agar and incubated at 30oC for 2 – 7 days.  When these isolates were 
used in biofilm studies in continuous flow systems, the biofilm growth medium was 
R2A broth. 
 
3.7 Pure Culture-Based Analyses 
3.7.1 Motility assays 
Assays for swimming, swarming and twitching motilities were performed on freshly 
prepared agars supplied with either R2A, LB, Difco Nutrient, or in a medium 
containing tryptone (1% wt/vol), yeast extract (0.5% wt/vol) and glucose (0.5% wt/vol. 
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Overnight grown cultures of bacterial strains were prepared on R2A broth for 
inoculation. Depending on the growth rates of each strain, the plates were examined 
after 1 to 3 days of incubation in room temperature. During incubation, all agar plates 
were wrapped with parafilm to prevent dehydration. 
 
For swimming motility, bacterial cells were stab-inoculated into the centre of 
0.3% (wt/vol) agar plates using sterile toothpicks. Swimming motility was assessed 
qualitatively by examining the circular hazy zone formed by the bacterial cells 
migrating away from the point of inoculation within the agar. 
 
Swarming motility was conducted on 0.5% agar plates. 1 µL of liquid culture 
was point inoculated onto the surface of the agar. Swarming motility was determined 
based on the movement of bacterial growth on the surface of the plate away from the 
point of inoculation. 
 
For twitching motility, the bacterial strain was stab-inoculated into the bottom 
of a Petri dish containing 1% agar using sterile toothpicks. After incubation, the agar 
was removed and unattached cells were rinsed off gently in a stream of ultrapure 
water. The zone of motility was visualised by staining the attached cells with 1% 
crystal violet [246]. 
 
3.7.2 Cell surface hydrophobicity 
Cell surface hydrophobicity was determined as described previously [247] with minor 
modifications. Overnight grown cultures were collected by centrifugation, washed 
twice and resuspended in 1x phosphate buffered saline (PBS) solution to an 
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absorbance value (at 600 nm) of about 0.6. 1.5 mL of diluted cell culture was 
transferred into 16- by 125-mm test tubes and mixed with different volumes (0.4 to 1.5 
mL) of hexadecane. This mixture was pre-incubated for 10 min and vortexed 
vigorously for 2 min.  Partitioning of the hydrocarbon and the aqueous phase took 
place for 30 min. The loss in absorbance in the aqueous phase relative to the initial 
absorbance value was taken to represent the amount of cells adhering to hexadecane.  
Hydrophobicity was computed by expressing this value as a percentage of the initial 
absorbance. 
 
3.7.3 Cell surface charge 
Cell surface charge was evaluated and expressed as zeta potential. Overnight grown 
cultures were dispersed by vortexing them over four cycles of 15-sec on and 15-sec 
off. A few microlitres of cells were mixed with 10 mM potassium phosphate buffer 
(pH 7.3) and used for the measurement of electrophoretic mobilities by ZetaPALS 
(Brookhaven, Holtsville, NY).  The proprietary software provided by the manufacturer 
was used to convert these values into zeta potentials using the Smoluchowski equation. 
 
3.7.4 Microtiter plate assay 
The microtiter plate is a convenient platform for studying biofilm formation of pure 
culture bacterial strains and it was used in this study to (1) screen bacterial isolates 
from the PW-RO biofilm for biofilm formation, (2) monitor the biofilm formation 
potential of a secondary effluent and a carbon-limited biofilter effluent, and (3) 
evaluate the effect of AiiA enzyme (an AHL-lactonase) and TiO2 on biofilm 
formation. 
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To prepare bacterial cultures for the microtiter plate assay, cultures were batch 
cultivated overnight and diluted in an inoculating medium to an initial absorbance (at 
600 nm) of 0.05. For the PW-RO isolates, the inoculating medium was R2A, while a 
minimal M63 medium (13.6 g KH2PO4, 2 g (NH4)2SO4, 0.5 mg FeSO4.7H2O, and 0.25 
g MgSO4.7H2O per liter and adjusted to pH 7.0) supplemented by either 1 mM citrate 
or 10 mM glucose was used for E. coli and Pseudomonas spp. biofilms. 100 µL of this 
mixture was added to eight wells in a 96-well microtitier plate (Nunc, Roskilde, 
Denmark). For AiiA-based biofilm control studies, the enzyme at concentrations of 1.5 
mg/L, 3.5 mg/L, 5.5 mg/L and 7.5 mg/L were also added at this stage. The microtiter 
plates were sealed with parafilm and incubated at 30oC. If required, cell density 
measurements were obtained hourly during the exponential phase and at longer 
intervals during the stationary phase.  
 
Biofilm biomass developed on the walls, and sometimes, at the bottom of the 
wells, and was determined as described previously [31, 248].  25 µL of 1% crystal 
violet dye was added to stain the biofilm cells. After an incubation of 45 min, the 
contents of each well were gently aspirated and discarded. The wells were then washed 
three times with sterile ultra-pure water to remove the excess dye. Crystal violet which 
stained biofilm biomass was subsequently solubilized in 200 µL of 95% ethanol for 45 
min. 125 µL of this dye was transferred to a new microtiter plate and its absorbance at 
600 nm (A600) was determined using a microtiter plate reader (Sunrise, Hayward, CA) 
and Magellan software (version 3.0).  
 
For TiO2-based biofilm control studies, photocatalysis was carried out prior to 
crystal violet staining. At the end of the incubation period (24 h), the spent culture 
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medium was discarded and the wells were replaced with 0.1 mg/L, 0.5 mg/L and 1.0 
mg/mL TiO2 suspended in 0.9% NaCl. The microtiter plate was irradiated with UV at 
365 nm for 1 h before the TiO2 mixture was discarded in the dark. Crystal violet 
staining was then carried out as described.  
 
3.7.5 Biolog GN2 MicroPlateTM assay 
Overnight cultures of bacterial cells were collected by centrifugation (8000 x g for 10 
min), washed twice, and resuspended in 0.9% NaCl to an A600 value of 0.3. 150 µL of 
this mixture was then inoculated into each well of the BIOLOG GN2 MicroPlateTM. 
The MicroPlateTM was sealed with parafilm and incubated at 30oC for 48 h. At specific 
times during incubation, A600 measurements were taken by a microtiter plate reader 
(Sunrise) to monitor suspended cell growth. Respiratory activity of cells in the wells 
reduced the tetrazolium dye, and the appearance of purple formazan precipitates was 
recorded at the 24th and 48th h of incubation. Data for principal component analysis 
(PCA) were transformed as described [249] and PCA was performed using 
MINITABTM Statistical Software, Release 14. 
 
3.8 Biofilm Studies using Continuous Flow Cell Systems 
A continuous flow system containing a flow cell for biofilm formation was assembled 
as previously described (Figure 2.1) [73]. Biofilm growth medium (see section 3.6) 
was connected by silicon tubing to a bubble trap, which served to exclude air bubbles 
from the downstream flow cell. Different designs of flow cells were used to house 
either glass or RO membrane substratum for biofilm cultivation. For the glass 
substratum flow cell, the flow channels were 40 mm long x 4 mm wide x 1 mm thick. 
Microscopic cover slips (0.17 mm thick) were attached by silicon glue over the top of 
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these flow channels to serve as substratum for biofilm formation. For the flow cell 
housing RO membrane substratum, the channel depth was 1 mm thick. Additional 
details are shown schematically in Figure 3.2. Overnight grown bacterial cells were 
diluted in 0.9% NaCl to an A600 value of 0.1, and a 250 µL aliquot was inoculated into 
the flow cell using syringes. Bacterial cells were allowed to attach onto the substratum 
for 2 h. The medium flow was subsequently started and maintained at a constant flow 
rate of 49 µL/min using a peristaltic pump (Model ISM931, Ismatec, Zurich, 
















Figure 3.2. Schematic representation of the flow cell used in monitoring biofilm 
development. The channel depth is given by the thickness of the telfon spacer (1 mm). 
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Glass-based flow cells were used for studies involving AiiA enzyme and TiO2 
photocatalysis. B13 or OUS82 biofilms (constitutively expressing green fluorescence 
protein) were exposed to 10 mg/L AiiA enzyme supplemented to the culture medium, 
and were imaged live daily under CLSM. For TiO2 photocatalytic treatment, B13 and 
OUS82 biofilms were cultivated for 4 days before the introduction of 1.0 mg/mL TiO2. 
The glass-based flow cell was then exposed to UV light at 365 nm for 1 h, and flushed 
gently in the dark with 0.9% NaCl to remove the TiO2 mixture. The biofilms were then 
stained with Live/Dead® stain before visualization under CLSM.    
 
3.9 Membrane Characterization 
3.9.1 Polymer membranes 
RO membranes used in flow cell studies were purchased from GE Osmonics 
(Minnetonka, MN). The membranes were made of polymers of cellulose acetate 
(denoted as CG by GE Osmonics), polyamide (AG) and thin film composite (SG), and 
were named CA, PA and TFC respectively in this study. These three types of 
membranes are suitable for wastewater reclamation and were therefore selected for 
biofilm studies of bacterial isolates retrieved from the PW-RO biofilm. The 
membranes were supplied as dry flat sheets and stored at room temperature. Prior to 
use in all experiments, the membranes were soaked in ultrapure water for at least 16 h 
with 3 changes of water.  
 
3.9.2 Atomic force microscopy 
The surface morphology of dry and hydrated RO membranes was analyzed using a 
Model NS3A NanoScope 111a Multimode Scanning Probe Microscope (Digital 
Instruments, Santa Barbara, CA). Imaging was performed in a tapping mode using a 
 Materials and Methods 
 83
silicon nitride probe (Veeco, Santa Barbara, CA). The probe had a nominal cantilever 
length of 196 nm, a nominal tip radius of 10 nm and a spring constant of 0.12 N/m. It 
was operated in the frequency range of 14 to 26 kHz.  
 
3.9.3 Contact angle measurements 
Contact angles were determined by the sessile drop method using a Ramé-Hart contact 
angle goniometer (Model 100-22). Deionised water was introduced onto the membrane 
surface by a Gilmont (IL) microsyringe to a droplet size of diameter 0.4 to 0.5 cm. At 
least five different measurements of contact angles were carried out for each piece of 
membrane and two pieces were used to obtain at least 10 measurements of contact 
angles for each type of membrane. 
 
3.9.4 Membrane surface zeta potential 
Membrane surface zeta potential was measured using a streaming potential analyzer 
(EKA, Anton Paar GmbH, Austria). The electrolytes used were 1 mM KCl and 10x 
diluted R2A broth (both solutions at pH 7.3 + 0.2). The membranes were equilibrated 
with the electrolyte for at least 30 min before measurement. During measurement, each 
run of electrolyte flow proceeded in two directions (right-to-left, then left-to-right). For 
each electrolyte, the runs were repeated four times to obtain streaming potential 
measurements. The zeta potential of the membrane was calculated from the streaming 
potentials using the Helmholtz-Smoluchowski equation with the Fairbrother and 
Mastin substitution. 
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3.10 Protein Analyses 
3.10.1 Purification of AiiA protein 
The AiiA protein is encoded by the aiiA gene from the Gram-positive bacterium 
Bacillus sp. 240B1. The aiiA gene was previously fused in-frame to the glutathione S-
transferase (GST) gene under the control of the isopropyl β-D-thiogalactopyranoside 
(IPTG)-inducible lac promoter in a GST fusion vector pGEX-2T (Amersham 
Pharmacia) [201]. The resultant construct was transformed into Escherichia coli DH5α 
with an ampicillin selector. The AiiA protein and strain DH5α were gifts from L. H. 
Zhang at the Institute of Molecular and Cell Biology, Singapore.  
 
The GST-AiiA fusion protein was purified as described previously [250]. An 
overnight starter culture of E. coli DH5α was inoculated into fresh LB broth 
(supplemented with 100 µg/mL ampicillin) and incubated at 30oC with vigourous 
shaking (180 rpm). When the cell density (determined by A600) reached 0.6 to 0.8, 100 
mM filter-sterilized IPTG was added. The culture was further incubated for 16 h under 
the same conditions. The bacterial pellet was then collected by centrifugation at 8000 x 
g for 10 min and resuspended in 1x PBS. Crude cell extracts were prepared on ice by 
ultrasonication using a probe sonicator (Vibracell, Sonics) operated over ten 10-sec 
bursts at 25 W. The cellular debris was collected by centrifugation at 21000 x g for 1.5 
h and the supernatant containing the fusion protein was applied to a glutathione 
sepharose 4B affinity column (Amersham Biosciences, Piscataway, NJ). The AiiA 
protein was then separated from GST by digestion with thrombin (1000 cleavage units) 
for 16 h at room temperature. The concentration of the AiiA protein was determined by 
absorbance at 280 nm (1 A280 = 1.48 mg/mL AiiA protein) using a spectrophotometer 
(model DU800, Beckman Coulter), and stored in 1.5 mL volume aliquots at -20oC.  
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Prior to use in experiments, the AiiA protein was checked for enzymatic 
activity using a bioassay as described [201]. Briefly, the protein was incubated with 10 
µM N-β-oxooctanoyl-L-homoserine lactone (OOHL) at 30oC for 30 min. Minimal 
medium agar, containing (per litre) 10.5 g K2HPO4, 4.5 g KH2PO4, 2.0 g (NH4)2SO4, 
0.2 g MgSO4.7H2O, 10 mg CaCl2, 5 mg FeSO4, 2 mg MnCl2 and 2.0 g mannitol, was 
supplemented with X-Gal and cut into separate slices. The reaction mixture was added 
to one end of an agar slice, and a reporter strain Agrobacterium tumefaciens NT1 
(traR, tra::lacZ749) was spotted as a confluent lawn over the remaining part of the 
agar slice. The plates were then incubated at 30oC for 24 h. The appearance of blue 
colonies indicated the presence of intact OOHL, while white colonies showed that 
OOHL was hydrolysed by the AiiA protein, thus confirming its activity.  
 
3.10.2 SDS-polyacrylamide gel electrophoresis 
To check for purity, the AiiA protein collected from thrombin digestion was analyzed 
by SDS-polyacrylamide gel electrophoresis (PAGE). As described [251], the AiiA 
protein was mixed with sample loading buffer (50 mM Tris-HCl, pH 6.8; 100 mM 
dithiothreitol (DTT); 2% SDS; 0.1% bromophenol blue; 10% glycerol) and denatured 
by heating to 100oC for 3 min. The protein sample was then loaded into a 5% stacking 
/ 12% resolving polyacrylamide gel. Electrophoresis was carried out in a running 
buffer (25 mM Tris; 250 mM glycine, pH 8.3; 0.1% SDS) at 200 V until the 
bromophenol blue dye reached the bottom of the resolving gel. The gel was overlaid 
completely with Coomassie Brilliant Blue R250 (BioRad) and agitated on a gently 
rocking platform for at least 4 h at room temperature to stain the protein bands. 
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Destaining was performed for 4 to 24 h using a 40% methanol-10 % acetic acid 
solution, and the protein patterns were documented by digital photography. 
 
3.10.3 Immobilization of AiiA protein onto glass substratum 
The AiiA protein was immobilized onto glass cover slips and used in flow cell studies 
(see section 3.8). Preparation of the AiiA-immobilized glass surfaces was performed 
with the assistance of Y. W. Tong at the Department of Chemical & Biomolecular 
Engineering, National University of Singapore. Briefly, the glass surfaces were 
cleaned by bath sonication in an aqueous detergent for 10 min, rinsed 5 times with 
water and air dried (30 min). The cover slips were then activated in a mixture 
containing 35% hydrogen peroxide and concentrated sulfuric acid (1:9 v/v ratio) for 20 
min, and rinsed repeatedly in water before being air dried. The activated glass surfaces 
were subsequently modified using an amine functionalized silane, N-(2-aminoethyl)-3-
aminopropyltrimethoxysilane (EDS), by immersion in a 1% solution of 
EDS/ethanol/water (1:95:4 v/v/v ratio) [252]. The glass cover slips were then rinsed in 
ethanol and dried at 105oC for 30 minutes. This procedure conferred the amine group 
to the glass surface. The amine functionalized glass cover slips were then submerged 
in a solution containing 1 mg/mL N-ethyl-N-(3-dimethylaminopropyl)-carbodiimide 
hydrochloride (EDC) and 3 mg/mL N-hydroxy-succinimide (NHS) in 1x PBS for 6 h. 
The cover slips were washed repeatedly with 1x PBS, and transferred into AiiA protein 
solution (0.6 to 2.5 µg/mL) for 24 h. During incubation, EDC and NHS catalyzed the 
covalent linkage between the surface amine group and the AiiA protein via one of its 
carboxyl groups. Finally, the cover slips were washed with 1x PBS, air dried, and 
stored at room temperature. 
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Another method of coating AiiA protein onto glass cover slips was by poly-L-
lysin adsorption. The cover slips were soaked in 0.01% poly-L-lysin solution for 24 h 
and air dried. They were then transferred into a 3 µg/mL AiiA protein solution for 
another 24 h, and air dried. 
 
3.11 Nucleotide Sequence Accession Numbers 
The DNA sequences obtained in this study were submitted to GenBank under the 
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4.1 Abstract 
The biofilm community structure of a biofouled RO membrane was examined using a 
polyphasic approach and the dominant phylotypes retrieved were related to members 
of the order Rhizobiales, a group of bacteria that is hitherto not implicated in 
membrane biofouling. A comparison of two other membrane biofilms using T-RFLP 
fingerprinting also revealed the dominance of Rhizobiales organisms. When (pure) 
cultured RO biofilm isolates were cultivated aerobically in BIOLOG microplates, most 
Rhizobiales isolates were metabolically versatile in their ability to assimilate different 
carbon substrates. Nitrate reduction was observed in five RO isolates related to 
Castellaniella, Ochrobactrum, Stenotrophomonas and Xanthobacter. Four Rhizobiales 
genera, Bosea, Ochrobactrum, Shinella and Rhodopseudomonas, were detected by 
PCR to contain the nirK gene responsible for nitrite reductase activity. These findings 
suggest that Rhizobiales organisms are ecologically significant in membrane biofilm 
communities under both aerobic and anoxic conditions, and may be responsible for 
biofouling in membrane separation systems.  
 
4.2 Introduction 
Interests in wastewater reclamation have increased in recent years. Given the 
superiority of membrane technologies, such as microfiltration (MF) and reverse 
osmosis (RO), over conventional processes for water and wastewater treatment, 
membrane processes have established themselves as the preferred mode of treatment. 
However, a major challenge associated with membranes is biological fouling where 
the formation of a surface-associated layer of microorganisms, or biofilms can result in 
unacceptable impairment of membrane performance [42].  
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To investigate the community structure of membrane biofilms, many studies 
have employed culture-dependent methods [42]. Acinetobacter, Flavobacterium, 
Pseudomonas, Bacillus, Serratia and Micrococcus were detected based on m-SPC and 
R2A agar cultivation [19]. Other bacteria including Actinomycetes, Aeromonas, 
Arthrobacter, Corynebacterium and Mycobacterium have also been identified by 
culture-based techniques [20, 93]. Among them, the Mycobacterium isolates recovered 
from full-scale RO installations have been most extensively investigated. Their 
adhesion kinetics and correlation with membrane surface characteristics have been 
elucidated [97, 98], and membrane cleaning strategies using surfactants have been 
optimized for mycobacterial biofilms [100]. 
 
However, culture-based approaches tend to select for the fittest and least 
fastidious of microorganisms, while counter-selecting others by competitive exclusion 
[25]. Further, cultivation conditions often lead to an enrichment bias, where the most 
abundant isolate retrieved is neither the most dominant nor the most ecologically 
relevant in the community [25]. The more modern molecular methods can circumvent 
some of these culture-dependent biases [25], but molecular characterization of biofilm 
communities on membrane surfaces remains limited in literature. To date, the 
molecular analysis of biofilm communities in full-scale MF and RO membranes using 
16S rRNA gene clone libraries and fluorescent in situ hybridization has suggested the 
dominance of Alphaproteobacteria in these biofilms [109], while another study 
(through 16S rRNA gene-based denaturing gradient gel electrophoresis and DNA 
sequencing) has indicated the presence of Flavobacterium in the biofilm community of 
a lab-scale nanofiltration (NF) membrane fed with synthetic wastewater [102]. The 
observed difference in the two biofilm communities suggests a poorly understood 
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relationship between selected biofilm populations and the ambient environmental 
conditions in the membrane biofilm habitat. 
 
This communication describes the microbial community composition of a 
biofilm retrieved from a lab-scale RO membrane module. To balance the potential 
limitations associated with cultivation- and molecular-based methods, a polyphasic 
approach combining 16S rRNA gene-based molecular techniques together with 
bacterial isolation and characterization is used here. Comparisons between this RO 
biofilm with the two other previously described biofilms recovered from full-scale 
membrane installations [109] were performed in order to identify the dominant groups 
of organisms more commonly involved in membrane biofouling. Possible reasons for 
their ecological success in membrane biofilm environments were then investigated 
based on their substrate utilization patterns and nitrate/nitrite respiration using pure 
culture representatives.  
 
4.3 Results 
4.3.1 Comparison of influent water quality 
Depending on the source of wastewater, the influent characteristics supporting 
microbial growth in the three membrane biofilm communities were very different 
(Table 4.1). In the MBR-RO membrane, the influent contained 51 mg/L TOC, at least 
5-fold higher than that encountered in the SE-MF system, and about 50-fold higher 
than the influent TOC to the PW-RO membrane. In addition, at total dissolved solids 
(TDS) levels reaching 3300 mg/L, the MBR-RO influent was considerably richer in 
inorganic substances like metallic and non-metallic ions. Total nitrogen (TN) in the 
MBR-RO influent was present mainly as NO3--N, and its concentration at 84 mg/L was 
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at least 25 times greater than that found in the influents to the SE-MF and PW-RO 
membranes. Dissolved oxygen level (DO) was maintained at 5.0 mg/L in the MBR, 
but was not measured in the downstream RO feed tank (Figure 3.1). However, the 
retention time of the MBR effluent in the feed tank was at least 14 h, and was possibly 
long enough to cause a drop or even depletion in the DO of the influent to the RO 
element.  
 
Table 4.1: Characteristics of water streams associated with the three membrane 
biofilms.  
Parameter  MBR-ROa   SE-MFb  PW-ROb 
(mg/L) Influent Concentrate Permeate  Influent  Influent 
TOC 51.0 56.4 0.8  9 – 10  ~ 1 
COD 171 188 5.8  –  – 
TDS 3295 3650 140  645  200 – 350 
TN 98.6 109 11.7  –  – 
NO3--N 83.5 91.1 3.3  3.1  0.11 – 1.6 
Polysaccharides 
(as TOC) – 15 – 25 –  –  – 
a Mean value over 147 days of operation (source: [222] and [253]). b Source: [109] 
– No data available. 
 
4.3.2 Biofilm community structure as revealed by 16S rRNA gene-based clone 
library and bacterial isolation 
The 80 clones retrieved from the MBR-RO biofilm was assigned to 18 distinct 
phylotypes from five recognized bacterial lineages (Table 4.2). Among them, 
Alphaproteobacteria phylotypes were most dominant at 54%, followed by phylotypes 
related to Gammaproteobacteria (20%), Betaproteobacteria (11%) and Bacteroidetes 
(7.5%). From isolation analyses, 12 of the 13 phylotypes recovered were also 
distributed in these lineages with the remaining one being related to a member of the 
Actinobacteria. Gammaproteobacterial and alphaproteobacterial isolates were most 
abundant at 46% and 32% respectively.  
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Table 4.2: Phylogenetic distribution of 16S rRNA gene sequence types for MBR-RO, SE-MF and PW-RO biofilms. The percentage abundance 
of each bacterial group is shown together with its corresponding number of distinct phylotypes (in parenthesis). n: total number of clones/isolates 
retrieved. Microbial diversity data for SE-MF and PW-RO biofilms were obtained previously [109]. 
 
 Percentage clones (distinct phylotypes)  Percentage isolates (distinct phylotypes) 
Bacterial groups MBR-RO 
(n = 80) 
SE-MF PW-RO*  MBR-RO 
(n = 54) 
SE-MF PW-RO 
Alphaproteobacteria 53.8 (8) 36.6 (10) 46.4 (12)  31.5 (5) 38.0 (9) 54.0 (11) 
   Rhizobiales 53.8 (8) 18.0 (5) 30.6 (6)  27.8 (4) 31.6 (7) 50.4 (10) 
Betaproteobacteria 11.3 (2) - 8.4 (4)  1.9 (1) 6.0 (2) - 
Gammaproteobacteria 20.0 (2) 11.4 (4) 6.6 (1)  46.3 (5) 6.0 (2) - 
Bacteroidetes 7.5 (3) 18.7 (5) -  9.3 (1) 6.0 (2) - 
Actinobacteria - 2.7 (1) -  11.0 (1) 24.9 (3) 24.0 (2) 
Firmicutes - - -  - 19.0 (3) 22.0 (2) 
Planctomycetes 1.3 (1) 30.7 (2) -  - - - 
Candidate Div TM6 1.3 (1) - -  - - - 
Candidate Div TM7 5.0 (1) - -  - - - 
        
* Clones were also retrieved for phylotypes related to candidate division OP9 (1.3%), Deltaproteobacteria (1.3%) and Acidobacteria (36.0%) in 
the PW-RO biofilm. 
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Based on phylogenetic analysis (Figure 1), the majority of alphaproteobacterial 
clones and isolates were distributed in a single cluster belonging to the order 
Rhizobiales. Among these, the most abundant were Ochrobactrum-related phylotypes 
represented by clones RO233 and RO238 (20% of total clones), and isolates ROi15 
and ROi52 (24% of total isolates). Other Rhizobiales phylotypes such as those related 
to Bosea, Oligotropha, Rhodopseudomonas and Methylocella were only retrieved in 
the clone library, while Xanthobacter- and Shinella-related phylotypes were recovered 
exclusively by isolation. Gammaproteobacterial phylotypes were also numerically 
abundant in the MBR-RO community. Stenotrophomonas and Thermomonas 
phylotypes each accounted for about 10% of the biofilm community. Isolation also 
revealed the presence of phylotype ROi44 affiliated to Pseudoxanthomonas. For 
Betaproteobacteria, clones RO118 and RO219 belonged to Hydrogenophaga, while 
the isolate ROi28 was associated with Castellaniella. In the case of Bacteroidetes, the 
dominant phylotypes were related to Sphingobacteria. Finally, the minor members of 
the MBR-RO biofilm community included those related to Planctomycetes and 
candidate divisions TM6 and TM7. 
 
4.3.3 Biofilm community structure as revealed by 16S rRNA gene-based T-RFLP 
The MspI-digested MBR-RO T-RFLP (Figure 4.2) was characterized by the presence 
of more than 20 T-RFs, and most of them accounted for less than 10% of total peak 
area. T-RFLP profiles of the two other membrane biofilms were, however, defined by 
a small number of dominant T-RFs, such as the 113-bp T-RF in the PW-RO biofilm 
and T-RFs of 111, 239 and 411 bp in the SE-MF biofilm. Despite these differences, the 
community composition of the three membrane biofilms retained high levels of 
similarity. For example, T-RFs of length 111, 113, 239, 395 and 401 bp were 
























Figure 4.1: Phylogenetic relationships of 16S rRNA gene sequences retrieved from clone library and isolation 
analyses. The phylogenetic tree is constructed using a neighbor-joining algorithm with the Jukes-Cantor distance in 
MEGA3. The 16S rRNA gene sequence of Aquifex pyrophilus (M83548) is selected as the outgroup. Bootstrap 
(number = 1000) values greater than 50% are shown at the nodes and the bar represents one substitution per 20 
nucleotides.  The abundance of each clone and isolate is shown in parenthesis. Theoretical T-RF lengths based on in 
silico MspI and HhaI digestions are also provided, and those in bold-face can be assigned to an actual peak in the 
community T-RFLP electrophoregram. N.A.: Not assigned as the sequence cannot be amplified using the Cy5-
modified forward primer 47F.  
 
Aquifex pyrophilus Kol5a (M83548)
RO clone RO229 (6.3%)
Oligotropha carboxidovorans S28(AB099660)
RO clone RO160 (16.3%)
Rhodopseudomonas sp. TUT3631 (AB251406)
PW-RO isolate RO3
Rhodopseudomonas palustris TUT3620 (AB250613)
RO clone RO161b (2.5%)
Bosea sp. BMA-4 (DQ855064)
SE-MF isolate MF18
Bosea thiooxidans BI-42 (AF508803)
RO clone RO215 (3.8%)
Methylocella silvestris BL2 (AJ491847)
RO clone RO154 (1.3%)
Alphaproteobacterium CRIB-02 (DQ123619)
Uncultured bacterium clone 661238 (DQ404786)
RO clone RO53 (3.8%)
Alphaproteobacterium Shinshu-th1 (AB121772)
RO isolate ROi16 (1.9%)
Xanthobacter tagetidis TagT2C (X99469)
SE-MF isolate MF22
Uncultured bacterium clone aab54f12 (DQ814869)
Mesorhizobium genosp. AA isolate Cs6145 (AJ785293)
RO isolate ROi51 (1.9%)
Shinella zoogloeoides ATCC 19623 (X74915)
Gram-negative bacterium isolate DM 1 (AJ440749)
Sinorhizobium meliloti Rm1021 (NC_003047)
Ochrobactrum sp. CGL-X (DQ305290)
Brucella sp. YBJCA-1 (DQ305284)
RO clone RO233 (3.8%)
RO isolate ROi52 (13.0%)
RO clone RO238 (16.3%)
Uncultured Ochrobactrum sp. clone p3 (AY851687)
Ochrobactrum anthropi CCUG 44770 (AM114410)
RO isolate ROi15 (11.1%)
Ochrobactrum anthropi CLM6 (AJ867292)
Ochrobactrum sp. B2 (AY661464)
RO isolate ROi43 (3.7%)
Sphingomonas sp. JQ1-3 (DQ118953)
Uncultured bacterium clone KRA30+14 (AY081981)
Hydrogenophaga atypica BSB 41.8 (AJ585992)
RO clone RO219 (3.8%)
Uncultured betaproteobacterium clone ccslm2112 (AY133083)
RO clone RO118 (7.5%)
Uncultured bacterium clone TSAI28 (AB186827)
Hydrogenophaga intermedia S1 (AF019037)
RO isolate ROi28 (1.9%)
Denitrobacter sp. BBTR53 (DQ337593)
Castellaniella defragrans TJ4 (AF508102)
RO isolate ROi27 (1.9%)
Thermomonas brevis LMG 21746T (AJ519989)
RO isolate ROi19 (7.4%)
Thermomonas haemolytica isolate S2 (AF508107)
RO clone RO78 (10.0%)
Thermomonas haemolytica A50-7-3 (AJ300185)
RO isolate ROi7 (20.4%)
Stenotrophomonas maltophilia isolate FLX (DQ077704)
RO isolate ROi55 (13.0%)
RO clone RO156 (10.0%)
Stenotrophomonas acidaminiphila AMX19 (AF273080)
RO isolate ROi44 (3.7%)
Pseudoxanthomonas kaohsiungensis J36 (AY650027)
RO clone RO127 (3.8%)
RO isolate ROi22 (9.3%)
Uncultured bacterium clone SX3-79 (DQ469232)
Chimaereicella alkaliphila AC74 (AJ717393)
RO clone RO224 (1.3%)
RO clone RO74 (2.5%)
cf. Bergeyella CCUG 46293 (AJ575430)
Uncultured bacterium clone SS-54 (AY945872)
RO clone RO157 (5.0%)
Uncultured soil clone M26_Pitesti (DQ378246)
Uncultured candidate division TM7 bacterium clone (AF445701)
RO clone RO230 (1.3%)
Uncultured bacterium clone 54 (DQ413113)
Uncultured division TM6 bacterium clone NOS7.2WL (AY043739)
RO isolate ROi31 (11.1%)
Microbacterium aurum DSM 8600 (Y17229)
RO clone RO28 (1.3%) 
Isosphaera-like str. CJuql1 (AF239699)



















































































































 Community Structure Analysis of RO Biofilms and Significance of Rhizobiales in Biofouling 
95 
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Figure 4.2. T-RFLP fingerprints obtained from the three membrane biofilm samples. 16S rRNA gene-based T-RFLP profiles are produced by digestion with MspI, while nirK T-RFLP patterns 
are generated using HaeIII. T-RFs shown in italics are consistently retrieved in all three biofilms. Sphingo.: Sphingobacteria. 
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consistently identified in the three biofilm communities, and a 105-bp T-RF was 
detected in the MBR-RO and PW-RO biofilms. Likewise, when HhaI digestions were 
performed, the 176-, 300-, 302- and 304-bp T-RFs were present in all three 
communities, while T-RFs of 106, 137 and 329 bp were observed in both MBR-RO 
and SE-MF communities. 
 
For the allocation of phylogenetic affiliation, in silico digestion of 16S rRNA 
gene sequences of MBR-RO clones and isolates were conducted to obtain their 
corresponding MspI and HhaI fragments (Figure 4.1). From these analyses, many of 
the dominant T-RFs could be assigned to Rhizobiales phylotypes. Based on MspI 
digestions, the 111-bp T-RF was associated with Bosea phylotypes, such as clone 
RO161b and the isolate Bosea thiooxidans MF18. Phylotypes related to Oligotropha, 
Methylocella and Rhodopseudomonas (including the PW-RO isolate 
Rhodopseudomonas palustris RO3) were assigned to the T-RF of size 113 bp (and 304 
bp if digested with HhaI). Other Rhizobiales phylotypes such as those related to 
Ochrobactrum, Shinella and Xanthobacter were assigned to the 362-bp T-RF present 
only in the MBR-RO biofilm. Another dominant T-RF found exclusively in the MBR-
RO fingerprint was of fragment length 415 bp and this was related to the 
Stenotrophomonas acidaminiphila phylotype.  
 
4.3.4 Carbon substrate utilization patterns of biofilm isolates  
The catabolic potential of bacterial isolates was compared using 11 classes of carbon 
substrates under aerobic conditions (Table 4.3). The Rhizobiales isolates represented 
by ROi15, ROi51, ROi52, and MF22 utilized more than 60% of the 95 substrate types 
each, and therefore appeared particularly versatile in their choice of carbon substrates. 




Table 4.3: Major classes of carbon substrates utilized by membrane biofilm isolates. The number of substrates utilized by a particular isolate is 
shown together with the number of substrate types in that class (given in parenthesis in the leftmost column). The overall % is computed by 
expressing the total number of substrates utilized as a percentage of the 95 different substrate types found in the BIOLOG GN2 microplate. 
 
Carbon Sources Alphaproteobacteria  Beta*  Gammaproteobacteria  Sphingo* 
(types) ROi15 ROi16 ROi51 ROi52 MF18 MF22 RO3  ROi28  ROi7 ROi19 ROi27 ROi44 ROi55  ROi22 
Carbohydrates (28) 22 3 24 20 13 25 2  0  16 4 15 3 3  17 
Carboxylic acids (24) 17 12 8 15 17 11 10  16  14 8 17 1 6  2 
Amino acids (20) 17 4 13 16 17 14 1  16  13 6 15 2 11  8 
Polymers (5) 4 3 4 4 3 4 2  3  4 2 4 2 3  2 
Aromatic chemicals (4) 3 0 3 2 1 3 0  0  2 0 0 0 0  0 
Amides (3) 1 2 0 2 3 1 1  2  1 1 2 0 1  1 
Amines (3) 0 0 0 0 0 2 0  0  0 0 0 0 0  0 
Phosphorylated 
chemicals (3) 0 0 2 0 0 0 0  0  1 0 1 0 0  1 
Alcohols (2) 1 1 2 0 0 1 1  0  0 0 0 0 0  0 
Esters (2) 2 2 2 2 2 2 2  2  2 2 2 1 1  2 
Bromosuccinic acid (1) 1 0 0 1 1 0 1  1  1 1 1 0 0  0 
Overall % 72 28 61 65 60 66 21  42  57 25 60 9 26  35 
                  
*Beta: Betaproteobacteria; Sphingo: Sphingobacteria 
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This was also partially supported by PCA, where two clusters consisting ROi15-ROi52 
and ROi51-MF22 were separated from the rest of the isolates (Figure 4.3). MF18, 
ROi28, ROi7, ROi27 and ROi22 could degrade 35 to 60% of the available substrate 
types, while strains ROi16, RO3, ROi19, ROi44 and ROi55 utilized less than 30% of 
the existing carbon substrates. 
 
Among the different substrate types, the class of amino acids appeared especially 
favorable to the Rhizobiales isolates. With the exception of RO3 and ROi16, all others 
were able to metabolize at least 13 of the 20 available amino acids. Carboxylic acids 
were also favored by the Rhizobiales isolates and strains ROi7, ROi27 and ROi28. 
Carbohydrates were again favored by most Rhizobiales organisms, but were usually 












Figure 4.3. Ordination obtained from PCA of sole carbon substrate utilization patterns. 
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4.3.5 Nitrogen reduction capability of biofilm isolates 
From the decrease in NO3--N and DOC in the nitrate reduction batch assays (Figure 
4.4), MBR-RO isolate Castellaniella sp. ROi28 was most efficient in nitrate reduction. 
TN and NO3--N were removed by up to 90% and 98% respectively during batch 
cultivation. This marked decline in nitrogen levels suggests the formation of partially 
reduced gaseous nitrogen products such as NO, N2O and N2 that can be lost from the 
bulk solution. For isolates ROi15, ROi16 and ROi7, a 20 to 50% decrease in NO3--N 
content, together with a loss in DOC indicated nitrate reduction activity. The 
remaining bacterial strains exhibited little or no NO3--N reduction, although a 10 to 
30% removal in DOC could sometimes be detected. Increasing NO3--N concentrations 
to 280 mg/L failed to simulate their nitrate reduction activity in the batch tests. 
 
The denitrifying capability of these isolates was further studied by characterizing 
the nitrite reductase enzyme responsible for the catalytic conversion of nitrite to NO. 
When nirK gene-based PCR was used to interrogate the bacterial isolates, only 
Castellaniella sp. ROi28 and five other Rhizobiales strains (i.e. ROi15, ROi51, ROi52, 
MF18 and RO3) were shown to encode this Cu-containing nitrite reductase gene. The 
partial nirK gene sequences were further obtained. Amplification of nirS genes using 
either total community DNA or DNA templates of individual isolates did not result in 
any PCR products. 














 Bacterial isolates 
Figure 4.4: Percentage reduction in NO3--N, TN and DOC found in the bulk solution in 
nitrate reduction batch tests.  
 
To assess the diversity of nirK genes, MspI- and HaeIII-digested T-RFLP of 
PCR-amplified nirK genes were performed. HaeIII-digested T-RFLP profiles (Figure 
4.2) of all three biofilms were similar. The T-RFs of length 65 and 325 were present in 
all three fingerprints, while the 277- and 284-bp T-RFs were observed in both MBR-
RO and SE-MF biofilms. Based on in silico digestion of nirK gene sequences, the 
dominant 277-bp T-RF was assigned to isolates related to Ochrobactrum. 
Castellaniella sp. ROi28 had a HaeIII T-RF of 284 bp, and Shinella sp. ROi51 
generated a 65-bp T-RF. The PW-RO isolate Rhodopseudomonas sp. RO3 also 
produced a 65-bp T-RF when digested with HaeIII, while Bosea sp. MF18 from the 
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and Bosea were retrieved in the MBR-RO biofilm, the 65- and 325-bp T-RFs in the 
MBR-RO fingerprint were possibly also represented by members of these genera. 
 
4.4 Discussion 
Existing community structure information for membrane biofilms has largely 
been obtained by culture-dependent analyses [19, 93]. Among the major biofouling 
populations, the Mycobacterium isolates recovered from full-scale RO installations are 
most extensively described [20, 97]. However, given the inherent caveats associated 
with cultivation-based approaches, the use of molecular techniques to revisit the 
community composition of membrane biofilms may be necessary. The 16S rRNA gene 
clone library analysis in this study revealed a high level of diversity among bacteria 
residing in the MBR-RO biofilms. These include representatives from 
Betaproteobacteria, which are in general not commonly recovered using conventional 
isolation methods, and a number of phylotypes related to yet-uncultured organisms 
from Alphaproteobacteria, Bacteroidetes, Planctomycetes, and candidate divisions 
TM6 and TM7. When the molecular analyses are complemented with bacterial 
isolation, a more complete representation of microbial community structure in the 
MBR-RO biofilm is attained. A major fraction of this biofilm community is shown to 
be related to members of the Rhizobiales, such as Bosea, Rhodopseudomonas, 
Methylocella, Ochrobactrum, Oligotropha, Shinella and Xanthobacter.  This group of 
Rhizobiales organisms is hitherto not described in other membrane biofilms, which are 
presently believed to harbour Mycobacterium, Flavobacterium, Pseudomonas and 
other fast-growing organisms.  
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The dominance of Rhizobiales in membrane biofilms was confirmed when the 
community structure of MBR-RO biofilm was compared to two other membrane 
biofilms (SE-MF and PW-RO) recovered from full-scale installations using clone 
library and T-RFLP analyses. As the feedwater characteristics, surface material and 
process configuration of the three membrane samples were different from one another, 
the dominance of Rhizobiales in all three membrane biofilms suggests the general 
importance of these organisms in the biological fouling of water purification 
membrane processes. However, the extent to which these findings can be extrapolated 
to other cases remains to be determined. To our knowledge, this is the first paper 
which reports the molecular characterization of environmentally derived membrane 
biofilms produced under actual operational conditions. Aside from the previous 
culture-based analyses, the only other study, which employed 16S rRNA gene-based 
DGGE to investigate the community structure of biofilms on an NF membrane, 
reported the presence of Flavobacterium, Pseudomonas, Ralstonia and Cytophaga 
[102]. This NF membrane biofilm was, regrettably, developed using synthetic 
feedwater, and therefore did not reflect actual field conditions.  
 
The consistent selection of Rhizobiales in membrane biofilm communities 
suggests that these organisms may be uniquely positioned for survival in this 
environment. An analysis of carbon substrate utilization patterns indicates that the 
Rhizobiales strains are metabolically versatile under aerobic conditions. This 
phenotypic trait may be important in membrane biofilms because readily 
biodegradable organic carbon sources can often become limiting in the RO 
environment due to upstream biological pretreatment [254]. In this study, although 
TOC levels averaged 51 mg/L in the MBR-RO environment, the majority of the 
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carbon sources are present as more recalcitriant constituents like polysaccharides [222, 
253]. It is therefore conceivable that Rhizobiales organisms are able to adapt to this 
environment by switching substrate types to avoid direct competition with other 
biofilm populations. Further, some Rhizobiales isolates are associated with bacterial 
species that can degrade chemicals, such as methyl parathion (for the dominant isolate 
ROi15) [255], quaternary ammonium alcohols (isolate ROi51) [256], substituted 
thiophenes (isolate ROi16) [257], metolachlor (clone RO233), polyacrylamide (isolate 
ROi52 and clone RO238) and 4-chlorobenzoic acid (clone RO161b). In terms of RO 
membrane operations, such metabolic characteristics suggest that biofouling control 
using carbon removal pretreatment strategies may not be entirely effective against the 
dominant Rhizobiales group because they can presumably maintain cellular activity by 
switching to other substrate types when one becomes limiting.  
 
Another influential ecological parameter in the MBR-RO environment is the 
presence of NO3--N at 84 mg/L. Anoxic conditions are known to occur in the deeper 
parts of the biofilm, e.g. within microcolonies, where oxygen is depleted [69]. This 
environment benefits those Rhizobiales related to Ochrobactrum and Xanthobacter 
that carry out dissimilatory nitrate reduction. The nitrite produced can potentially be 
utilized by other Rhizobiales like Shinella, Bosea and Rhodopseudomonas that contain 
nirK genes. The ability to use nitrate and/or nitrite as alternative electron acceptors 
therefore helps maintain the competitiveness of Rhizobiales organisms under anoxic 
conditions. Indeed, close juxtaposition of organisms capable of nitrogen respiration 
with others that are strictly aerobic in a biofilm environment can provide a degree of 
metabolic cooperativity among biofilm members that reduce undue resource (like 
oxygen) competition, and lead to the continued ecological success of the entire 
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community. If true, the presence of nitrate and nitrite can affect the community 
structure of membrane biofilms in a fundamental way, because the denitrifying role of 
organisms like Rhizobiales will make them indispensable in a metabolically 
coordinated community.  
 
Besides its direct implications in energy metabolism, nitrate is reportedly 
essential for biofilm development by Rhizobium leguminosarum bv. viciae, 
Sinorhizobium meliloti Rm1021 and S. meliloti RCR2011 [258]. Further, biofilm 
formation by strain Rm1021 on abiotic surfaces is significantly stimulated at nitrate 
concentrations between 6 to 30 mM [259], corresponding to the nitrate levels (6.0 – 
6.5 mM) encountered in the MBR-RO environment. This suggests that biofilm 
formation by Rhizobiales isolates ROi51 and MF22 (that are closely related to S. 
meliloti Rm1021) can be potentially stimulated under normal membrane operating 
conditions. 
 
In addition to their competitive advantages, the dominance of Rhizobiales 
populations in membrane biofilms may also be related to their exopolysaccharide 
(EPS) production. As the major biological component in biofilms (50% – 90 % TOC 
in biofilms), the EPS matrix minimizes biomass sloughing [260], and greatly enhances 
the surface retention of EPS-producing populations. Although the Rhizobiales isolates 
obtained in this study were not assessed directly for EPS production, the occurrence of 
EPS in the biofilms of isolates ROi15, ROi51, ROi52 and MF22 is evident in their 
ability to form microcolonial structures (data not shown) and their antibiotic resistance 
(not shown). Further, it is well-established that several genera of Rhizobiales, 
including Rhizobium, Sinorhizobium, Mesorhizobium and Bradyrhizobium, produce 
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EPS during symbiotic interactions with their plant hosts [261]. Thus, the ability to 
secrete EPS may potentially play a role in the selection of Rhizobiales on membrane 
biofilms, and this possibility is currently under investigation. 
 
Given the metabolic characteristics that allow Rhizobiales to compete 
successfully under both aerobic and anoxic conditions, the prevalence of Rhizobiales 
organisms in the three mature membrane biofilms strongly suggests that they are an 
important group of bacteria responsible for biofouling in water purification membrane 
processes. To better assess the biofouling potential of membrane-associated process 
waters, the Rhizobiales can, for example, be used as model organisms in assimilable-
organic-carbon bioassays. Future research addressing their dispersal from membrane 
surfaces is also anticipated to provide an effective strategy for the mitigation of biofilm 
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5.1 Abstract 
High-quality water purification systems using reverse osmosis (RO) membrane 
separation have faced a major challenge related to biofilm formation on the membrane 
surface, or biofouling. To understand this issue, the biofilm formation characteristics 
of four bacterial isolates previously retrieved from an RO membrane treating potable 
water were investigated. Biofilm formation of all four isolates occurred to different 
extents in microtiter plates, and could be related to one or more cell properties 
(hydrophobicity, surface charge and motility). For Dermacoccus sp. strain RO12 and 
Microbacterium sp. strain RO18, bacterial adhesion was facilitated by cell surface 
hydrophobicity, and for Rhodopseudomonas sp. strain RO3, adhesion was assisted by 
its low surface charge. Sphingomonas sp. strain RO2 possessed both twitching and 
swarming motilities, which could be important in mediating surface colonization. 
Further, strains RO2, RO3 and RO12 did not exhibit swimming motility, suggesting 
that they could be transported to RO membrane surfaces by other mechanisms such as 
convective permeate flow. The biofilm formation of RO2 was further tested on 
different RO membranes made of cellulose acetate, polyamide and thin film composite 
in continuous flow cell systems. The resultant RO2 biofilms were independent of 
membrane surface properties and this was probably related to the exopolysaccharides 
secreted by the biofilm cells. These results suggested that RO2 could colonize RO 
membranes effectively and could be a potential fouling organism in RO membranes 
for freshwater purification. 
 
5.2 Introduction 
Microbial biofilm is a surface-associated community that creates its own 
microenvironmental niches by forming complex layers of microorganisms embedded 
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in a matrix of extracellular polymeric substance [262]. This mode of life confers 
several advantages over a planktonic mode of existence, such as responses to 
environmental stresses, and is widely found on almost all types of submerged surfaces, 
e.g. along the interior surface of water pipes [263] and in water purification reverse 
osmosis (RO) membranes [16]. In the latter environment, it has caused many 
problems, including an increase in operating pressure and a decline in permeate quality 
[13]. 
 
In general, the transition from free-living cells to a sessile form of life begins 
with their transportation and attachment to a particular substratum.  Flagella-mediated 
motility is suggested to play an important part in the early formation of biofilms [35, 
264]. Upon contact with the substratum, bacterial adhesion can be mediated by short-
range attachment forces such as hydrophobic interactions. It is commonly observed 
that cell surface hydrophobicity can affect bacterial adhesion to different types of 
substrata [28-30, 265].  For example, the attachment of a hydrophobic strain of 
Pseudomonas aeruginosa to glass, copper, stainless steel and silicon surfaces was 
more effective than that of a strain of P. fluorescens with lower cell surface 
hydrophobicity [53]. 
 
After adhesion, bacterial cells colonize the substratum by setting up “early” 
biofilm structures. In P. aeruginosa, twitching motility plays an important role in 
initial biofilm development [48, 266]. Twitching motility is a form of surface 
translocation mediated by type IV pili and is demonstrated to be necessary for the 
formation of microcolonies within the biofilm [35]. Thus, the process of biofilm 
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formation is a developmental process mediated by a combination of adhesion 
mechanisms and bacterial motility. 
 
While the process of biofilm formation on many substrata has been extensively 
investigated, the possible mechanisms involved in bacterial transport and attachment 
onto water purification RO membranes have not been thoroughly explored.  Under 
continuous flow conditions in spiral-wound RO membranes, it is apparent that fluid 
flow patterns can be complex and alternative means of bacterial transport to the 
membrane surface may be possible and significant. The relative importance of 
different adhesion mechanisms between bacterial cells and the membrane surface is 
also not well understood. Thus, this study investigated bacterial transport and adhesion 
mechanisms that could occur between RO membranes and bacterial strains isolated 
from a biofouled RO membrane.  The ability of RO isolates to form biofilms was 
assayed in microtiter plates. Cell surface properties (hydrophobicity and surface 
charge) were investigated together with processes for bacterial motility to identify 
important mechanisms for bacterial adhesion and biofilm formation.  One of the 
bacterial isolates Sphingomonas sp. RO2 was further selected and cultivated on three 
types of RO membranes (cellulose acetate, polyamide and thin film composite) to 
explore the possible relationship between biofilm structures and the surface 
characteristics of these RO membranes. 
 
5.3 Results 
5.3.1 Biofilm formation potential as determined by microtiter plates 
The ability of RO isolates to form biofilms was assessed in PVC microtiter plates. 
After 48 h of incubation, RO12 and RO18 produced the largest amount of biofilm 
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biomass, followed by RO2 (Figure 5.1). Biofilm biomass of RO3 remained at low 
levels over this period. Measurements of cell density revealed that after 24 h of 
incubation, RO3 and RO12 were in the exponential phase, while the other two had 
entered the stationary phase. Except for RO12, all other strains reached stationary 
phase after 48 h.  
 
It is possible that biofilm formation could be affected by cell density, as the 
opportunity for cellular attachment is stochastically proportional to the number of 
planktonic cells present in the bulk fluid [248, 267]. To investigate this possibility, 
bubble plots relating biofilm biomass to cell density at 24 and 48 h were constructed 
(Figure 5.2). For RO2 and RO18, no relationship between cell density and biofilm 
biomass levels was observed. Biofilm biomass of these two strains increased over 
time, while cell density in the bulk liquid phase remained relatively constant. This 
result indicated that biofilm formation of these two isolates was not a stochastic 
occurrence between cells and the substratum, but was dependent on phenotypic 
responses that controlled specific traits like motility and other cellular properties. In 
the case of RO12, an increase in cell density occurred with a concurrent increase in 
biofilm biomass. This increase was substantial, suggesting that biofilm formation of 
RO12 could be related to its ability to grow rapidly. For RO3, both cell density and 
biofilm biomass remained relatively low even after 48 h. Low amounts of RO3 biofilm 
could thus be correlated with its low cell density.  





















 48 h Biofilm 
Figure 5.1: Biofilm biomass of RO isolates as determined by crystal violet staining. 
The filled bars indicate that the particular isolate was at the exponential phase at the 



















































Figure 5.2: Bubble plots relating biofilm biomass to cell density for biofilms of 
OUS82, RO2, RO3, RO12 and RO18 cultivated for 24 and 48 h. The centre of each 
bubble gives the value of biofilm biomass. The size of each bubble is a measure of cell 
density. 
 
5.3.2 Bacterial motility 
The RO isolates were tested for their cellular attachment characteristics in terms of 
bacterial motility, hydrophobicity and surface charge. Among those four isolates, only 
RO18 possessed swimming motility, which was characterised by a hazy swim zone 
migrating radially outwards from the point of inoculation in 0.3% agar. For swarming 
motility, only RO2 tested positive (Table 5.1).  A concentric pattern of outward growth 
on the surface of 0.5% agar was observed. All the isolates, except RO3, displayed 
twitching motility on R2A and LB agar (Table 5.1). In particular, RO2 demonstrated 
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All isolates were either motile (+) or non-motile (—) in the particular mode of motility. 
The agars used in these assays were prepared using R2A, LB, Difco Nutrient and TYG 




5.3.3 Cell surface hydrophobicity and zeta potential 
Large variations in cell surface hydrophobicity were observed among the four bacterial 
strains (Table 5.2). RO12 and RO18 had higher cell surface hydrophobicity (92.8% 
and 89.4% respectively) than RO2 (43.8%), as measured by the adherence of the cells 
to the hydrocarbon hexadecane. For RO3, there was considerable difficulty in 
determining its hydrophobicity. No detectable changes in A600 in the aqueous phase 
could be measured at the end of the hydrophobicity test, indicating that the cell surface 
of RO3 has an extremely high affinity to water. 
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Cell surface charge of the isolates was measured by zeta potential (in mV). All 
the isolates possessed negative surface charges in phosphate buffer (pH 7.3).  RO2 was 
the most negatively charged, while RO12 possessed the smallest charge (Table 5.2). 
This observation suggested that electrostatic interactions with the substratum would be 
more significant for RO2 than for RO12. 
 













-44.7 + 1.2 
Rhodopseudomonas sp. strain RO3 
 
0.0b -15.2 + 1.2 




-4.0 + 0.7 
Microbacterium sp. strain RO18      
        
89.4 
 
-36.3 + 1.0 
P. putida OUS82 (control) 
 
11.7 -36.8 + 1.3 
 
a Adherence of the cell to different volumes of hexadecane was determined and the 
highest of which was used to compute relative hydrophobicity.  
b Relative hydrophobicity for strain RO3 was too low to be detected for changes in 
A600 in the aqueous phase. 




5.3.4 RO membrane properties 
Table 5.3 displays the chemical properties (i.e. contact angle and zeta potential) and 
performance attributes of the three RO membranes used in this study. Contact angle is 
a measure of surface wettability and a low value is associated with high water affinity. 
PA and TFC membranes had contact angles higher than CA and were thus more 
hydrophobic. Zeta potential of those three membranes (at pH 7.3 + 0.2) were negative 
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when determined in either 1 mM potassium chloride KCl or 10x diluted R2A medium 
(10-1 R2A). When 1 mM KCl was used, PA was the most negatively charged, followed 
by TFC and CA. Changing the electrolyte to 10-1 R2A appeared to modify the 
chemical properties of all three membrane surfaces as evident by changes in zeta 
potential to less negative values. Salt rejection and typical flux of the RO membranes 
were obtained from the manufacturer. These attributes were related to membrane 
selectivity and membrane permeability respectively (Table 5.3). 
 
Table 5.3: Membrane performance attributes and chemical properties. 
 










(gfd / psi)  
Contact 
Angle (o) 1 mM KCl 10
-1 R2A 
CA Cellulose Acetate 92.0 30 / 420 53.8 -12.6 -11.8 
PA Polyamide 99.5 26 / 225 64.5 -16.2 -12.3 
TFC Thin Film 98.2 22 / 225 64.9 -14.0 -13.9 
 
a Manufacturer’s data 
b Zeta potential of the membranes were determined in electrolytes 1 mM potassium chloride solution 




The active surface on RO membranes was characterized by atomic force 
microscopy (AFM) and scanning electron microscopy (SEM). Distinct differences in 
surface roughness among the three membranes were observed under AFM (Figure 5.3) 
and SEM (data not shown). PA, with its protruding and highly uneven topography, was 
the roughest of the three membranes (Figure 5.3), followed by TFC and CA. This 
observation was also supported quantitatively by the measurement of surface 
roughness (Table 5.4).  PA had the highest value for average and root-mean-square 
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roughness, while CA had the lowest. Similarly, PA membranes had the largest 
depression areas, which could facilitate the attachment of sessile cells.  It was further 
observed that both roughness and depression area were increased when the membranes 
were present in a hydrated environment. 
 

















Figure 5.3: AFM representation of CA, PA or TFC membranes under dry or hydrated 
conditions. The images were scaled at 1µm/div in both the X- and Y-axis, while the Z-
axis was scaled to a height of 100nm/div.  
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CA Dry 2.1 2.9 11.8 241.2 2851 
 Hydrated 
 
3.5 5.7 19.1 367.8 7195 
PA Dry 33.3 41.9 72.5 260.4 18888 
 Hydrated 
 
45.2 55.8 133.3 250.7 33416 
TFC Dry 11.4 14.3 56.3 281.1 15831 
 Hydrated 
 
12.7 16.9 77.1 276.7 21340 
 
a Average roughness is the average deviation of the peaks and troughs from the mean plane. 
b RMS roughness measures the absolute deviation of the peaks and troughs from the mean plane.  
c Surface vertical distance is the vertical difference in distance between the highest point and its 
next lowest point 
d Surface horizontal distance is the horizontal distance between these two points. 
e Depression area is the product of the above two distances. 
 
 
5.3.5 Comparison of RO2 and OUS82 biofilms on RO membranes 
Overnight grown cultures of RO2 were inoculated into continuous flow chambers, 
each containing a single test coupon of RO membrane (CA, PA or TFC). 
Sphingomonas sp. strain RO2 was selected in favour of the other isolates based on the 
results of a previous publication characterizing the biofilm community that harbored 
the four isolates [109]. Both 16S rRNA gene clone library and isolation techniques 
were used in biofilm community analysis. Sequences related to Sphingomonas were 
retrieved using both methods, but sequences related to Microbacterium and 
Dermacoccus were only retrieved from isolated cultures. This might suggest that the 
 Biofilm Formation Characteristics of Isolates from RO Membrane Biofilm 
117 
two latter genera were originally minor members of the biofilm community, but were 
isolated due to culture-dependent biases.  
 
RO2 could form biofilms on the three types of membranes tested in this study. 
Resultant biofilm structures on the three membranes appeared similar over the 6 day 
period (Figure 5.4). Initially, RO2 attached to the membrane as discrete cells, but small 
aggregates consisting of several cells could be found sporadically in the monolayer 
biofilm. After 2 days, both single cells and loose, irregularly-shaped colonies could be 
observed. Large ball-shaped colonies were formed after 4 days. At day 6, the colony 
structures were no longer apparent as overlapping growth gave the biofilm a dense, 
homogeneous morphology. 
 
Table 5.5 displays the biovolume and substratum coverage values obtained 
from RO2 and OUS82 biofilms developed on different membrane surfaces on days 1, 
2, 4 and 6. ANOVA was performed on biofilm samples collected on the same day to 
determine if biofilm structures were related to the type of membrane used. In terms of 
biovolume and substratum coverage, no significant difference was detected for the 
RO2 biofilm (all P > 0.05). In contrast, clear differences in biovolume were observed 
for OUS82 biofilms cultivated on different types of membranes. OUS82 biofilms on 
PA membranes had significantly (all P < 0.05) higher biovolume than those grown on 
TFC and CA. For substratum coverage, significant differences were detected 4 days 
after bacterial inoculation. After 6 days, no significant difference in substratum 
coverage could be detected for OUS82 biofilms (P = 0.375). 
 





















 Day 4  Day 6 
 
Figure 5.4: The development of RO2 biofilms cultivated on a CA membrane. RO2 
cells were hybridized using a Cy3-EUB338 probe, and imaged under CLSM. The bar 
is 10 µm for all microscopic images. 
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Table 5.5: Quantitative biofilm parameters describing RO2 and OUS82 biofilms 







Biovolume x 10-3 a 
(µm3 per µm2 area) 
Substratum 
Coveragea (%) 
Strain RO2 CA 1 0.080 + 0.052 3.49 + 2.11 
  2 0.161 + 0.105 3.08 + 2.57 
  4 0.235 + 0.205 4.45 + 3.39 
  6 0.245 + 0.366 3.67 + 3.79 
     
 PA 1 0.112 + 0.089 5.30 + 3.70 
  2 0.147 + 0.157 2.57 + 1.78 
  4 0.298 + 0.261 6.75 +3.60 
  6 0.288 + 0.230 5.68 + 4.00 
     
 TFC 1 0.089 + 0.047 4.29 + 2.53 
  2 0.113 + 0.042 4.97 + 1.70 
  4 0.239 + 0.200 5.06 + 3.50 
  6 0.251 + 0.176 4.19 + 1.49 
     
Strain OUS82 CA 1 0.015 + 0.004 0.74 + 0.46 
  2 0.108 + 0.045 2.04 + 0.93 
  4 0.187 + 0.170 2.51 +2.47 
  6 0.280 + 0.212 5.16 + 4.28 
     
 PA 1 0.040 + 0.027 1.02 + 0.31 
  2 0.260 + 0.124 3.87 +1.56 
  4 0.585 + 0.290 8.19 + 3.71 
  6 0.545 + 0.290 6.70 + 2.53 
     
 TFC 1 0.025 + 0.005 0.82 + 0.17 
  2 0.258 + 0.172 3.11 + 1.87 
  4 0.419 + 0.392 5.78 + 3.37 
  6 0.302 + 0.192 6.33 +4.38 
     
 
a Each data was an average of at least eight microscopic images and was shown together 
with its standard deviation. 
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To investigate which aspect of membrane surface properties affected OUS82 
biofilms, biovolume obtained on day 6 was correlated to various membrane 
physical/chemical properties (Table 5.6). Near-perfect correlation (0.99) was obtained 
between biovolume and average roughness. A weak correlation (0.54) was obtained for 
contact angles, and a negative correlation (-0.95) was obtained between biovolume and 
zeta potential. Correlations for RO2 biofilms were not done because differences in the 
biofilms formed on the three membranes were not statistically significant. 
 
Table 5.6: Physical and chemical properties of membranes and their correlation with 





Biovolume a x 10-3 





Zeta Potential b 
(mV) 
CA 0.280 3.5 53.8 -12.6 
PA 0.545 45.2 64.5 -16.2 
TFC 0.302 12.7 64.9 -14.0 
     
Correlation 
Coefficient 
 0.99 0.54 -0.95 
 
a Day 6 biovolume of OUS82 biofilms 
b The electrolyte was 1 mM KCl at pH 7.3 + 0.2. 
 
 
5.3.6 Fluorescently labeled lectin staining of RO2 biofilms 
Figure 5.5 indicated that TRITC-labeled lectin concanavalin A could bind to the 
exopolysaccharides (EPS) of RO2 biofilms. As shown by the hazy regions, biofilm 
cells (green) on all three membranes were distributed in a matrix of EPS (red). The 
EPS tend to be more closely associated with the single cell or small cell clusters than 
with larger colonies. EPS was also detected in areas free of biofilm cells, suggesting 
that the EPS matrix was quite extensive. Lectin staining within large cell colonies was 
rarely observed.  





















Figure 5.5: Localization of exopolysaccharides (red) excreted by RO2 biofilms (green) 
using fluorescently labeled concanavalin A staining. Cross sections through the 
biofilms are shown at the top and side of each frame. The bar is 10 µm. 
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5.4 Discussion 
The transition from planktonic cells into surface-attached biofilm communities is 
reported to be a highly regulated, developmental process [33, 268, 269]. This process 
usually begins with bacterial transport to substratum followed by initial cellular 
adhesion, cell aggregation into microcolonies, and then biofilm maturation (e.g. [78, 
135]).  An understanding of the sequential mechanisms in biofilm formation is mainly 
derived from medically relevant bacterial species (e.g. Escherichia coli, P. aeruginosa, 
Vibrio chlorea) (see [48] for review), and is not as well resolved for environmental 
isolates, such as those recovered from biofilms of water purification RO membranes. 
Therefore, bacterial motility and cell surface properties of four RO isolates were 
investigated to determine the relevance of these cellular characteristics in the process 
of biofilm formation.  
 
5.4.1 Role of swimming motility in bacterial transport to RO membranes 
It is reported that bacterial transport to surfaces can be mediated by force-generating 
cellular appendages like flagella [35, 264, 270].  Among the four RO isolates tested in 
this study, only RO18 was observed to possess swimming motility when cultured with 
R2A or LB media.  This suggested that the swimming ability of strain RO18 could be 
regulated by ambient nutrient conditions, and the mechanism for transporting RO18 
and other isolates onto the surfaces of membrane could be different from swimming 
motility.  It is known that during RO operations, convective permeate flow is a major 
mechanism that transports particulates to membrane surfaces. The pressure-induced 
drag force was sufficient to cause colloidal deposition on two types of RO membranes 
(cellulose acetate and polyamide composite) by overcoming double layer repulsion 
between silica colloids and the membrane surface [271].  Likely, convective permeate 
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flow reduces the dependency of bacterial cells on flagella-mediated swimming motility 
in establishing the initial cell-to-surface contact. As a result, both swimming and non-
swimming cells can be transported to the surface of the RO membrane and trigger 
biofilm formation.  
 
5.4.2 Role of cell surface hydrophobicity and zeta potential in bacterial adhesion 
Cellular attachment is required for the initiation of biofilm formation. Bacterial 
adhesion to substratum is mediated by physicochemical forces, including cell surface 
hydrophobicity [28-30, 265] and cell surface charge [272]. Cell surface hydrophobicity 
was reported to be related to bacterial adhesion onto hydrophobic surfaces like 
polystyrene [57]. Consistent with this observation, the two hydrophobic isolates 
Dermacoccus sp. strain RO12 and Microbacterium sp. strain RO18 produced larger 
amounts of biofilm on the surface of microtiter plates. Greater hydrophobic 
interactions between their cell surface and the PVC microtiter plates could probably 
lead to better bacterial adhesion and subsequent biofilm formation.  
 
The significance of hydrophobic interactions in mediating bacterial adhesion to 
RO membranes was reported previously [21, 54] and demonstrated in this study.  The 
attachment of a hydrophobic strain of Mycobacterium onto RO membranes was more 
effective than that of a hydrophilic strain of E. coli [54].  Bacterial adhesion of a 
Pseudomonas isolate could be enhanced when it was allowed to attach onto RO 
membranes with higher hydrophobicity [21].  The results of contact angle 
measurements in Table 5.3 and from previous studies [21, 273] also suggested that 
some of the commercially available RO membranes were are relatively hydrophobic. 
Therefore, the isolation of hydrophobic bacterial strains (like RO12 and RO18) in an 
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RO membrane biofilm suggested that hydrophobic interactions could also mediate 
bacterial adhesion onto RO membranes used in full-scale operation.  
 
It was observed that under physiologically relevant pHs (~ 7), RO membranes 
tend to be negatively charged (Table 5.3, [271, 273, 274]). In this study, all bacterial 
strains tested also possessed a net negative charge at these pHs (Table 5.2). These 
results signify that electrostatic double layer repulsion would occur between bacterial 
cells and the membrane surface. Thus, strains having more negative charges like RO2 
and RO18 would experience greater repulsion than RO3 and RO12, which would 
adhere more easily onto RO membranes due to their lower cell surface charge.  Such a 
strategy appeared to be important for Rhodopseudomonas sp. strain RO3, since it 
possessed a hydrophilic cell surface and did not display any forms of motility.  
 
5.4.3 Role of bacterial motility in biofilm formation 
Upon adhesion to the substratum, biofilm structures are formed by either clonal growth 
[10] or cell aggregation [48, 52]. In the latter mechanism, microcolony formation is 
mediated by twitching motility [35], an intermittent and jerky movement of bacterial 
cells brought about by active extension and retraction of type IV pili [34]. In P. 
aeruginosa biofilms, twitching motility enabled the formation of cell aggregates by the 
recruitment of surrounding cells from the monolayer biofilm [35]. For many other 
bacterial genera, surface colonization is also mediated by twitching [34]. The results 
here showed that most of the RO isolates exhibited the ability to twitch, and were 
hence capable of colonizing surfaces, forming microcolonies, and also biologically 
fouling RO membranes.  
 
 Biofilm Formation Characteristics of Isolates from RO Membrane Biofilm 
125 
Further, surface colonization by many bacterial genera is reported to be 
mediated by swarming motility [34].  During swarming, cells migrate in a coordinated 
manner over surfaces either en masse at the edge of the bacterial colony or as rafts of 
cells that momentarily leave the colony behind [275].  The ability to move by 
swarming could be an important facet in biofilm formation, as suggested for Serratia 
liquefaciens [276]. This study observed the movement of RO2 by swarming motility. 
Cell motility by swarming was reported to be faster than other forms of surface 
motility [34] and suggests that bacterial strains like RO2 could possibly colonize 
membrane surfaces rapidly after initial attachment.  
 
5.4.4 Biofilm studies in continuous flow cell systems 
Direct comparison between biofilms developed on microtiter plates and RO 
membranes was difficult due to differences in the substrata. Even among different 
types of RO membranes, surface characteristics were different (Table 5.3, [277, 278]). 
When RO membranes are exposed to different aqueous environments, the conditioning 
layer that forms immediately next to the membrane surface can introduce another 
uncertainty [21]. Organic molecules that adsorb onto the membrane surface prior to 
bacterial attachment may alter surface properties in random manners [279]. These 
issues implied that microtiter plate assays, cell surface properties and bacterial motility 
might not describe biofilm formation on membranes adequately. Biofilm formation of 
RO2 together with OUS82 as a control was therefore studied directly with three types 
of RO membranes under continuous flow conditions.  
 
It is well-documented that surface topography is an important factor affecting 
biofilm formation [279]. Roughness can increase the surface area available for cell-to-
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surface interactions, and promote bacterial adhesion.  A rougher surface can offer more 
shelter to fluid shear, hence reducing bacterial detachment [279]. As expected, initial 
biofilm formation of OUS82 in flow cells was affected by membrane surface 
roughness. Over a 6 day period, the PA membrane could consistently support OUS82 
biofilms to the largest extent. This was presumably related to the high surface 
roughness that provided large depression areas for sessile cells to stay lodged to the 
substratum and prevented biofilm detachment. Likewise, the relatively smooth CA 
membrane supported the least amount of OUS82 biofilms.  Similar observations were 
also reported by Campbell and co-workers [100], who studied the attachment of 
Mycobacterium sp. onto polyamide and cellulose acetate membranes in batch assays.   
High correlations (Table 5.6) obtained between OUS82 biovolume and average 
membrane roughness suggested that membrane surface morphology affects not only 
bacterial adhesion, but, to some extent, also biofilm development. However, when 
OUS82 biofilms were incubated for eight days or more, the resultant biofilms on the 
different membranes were similar (data not shown). This suggests that surface 
roughness affects the development of younger biofilms to a greater extent than 
matured biofilms. 
 
In the case of RO2 biofilm, no significant difference in biovolume and surface 
coverage could be detected on different types of RO membranes. Such an observation 
was not expected, based on the results with Mycobacterium [100] and OUS82 
biofilms.  Moreover, membrane roughness has been reported to be an important 
surface property affecting colloidal fouling [273, 274]. Particles preferentially 
accumulated in the depression areas of rougher membranes [273] and their attachment 
appeared to be enhanced by multi-point interactions with the rough membrane 
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substratum [274]. These results implied that the PA membrane with its undulating 
surface morphology of peaks-and-valleys could be most severely colonized by RO2 as 
biofilms. However, it is widely reported that the genus Sphingomonas can produce 
viscous exopolysaccharides [280, 281] to further facilitate adhesion and colonization 
of surfaces. The results here illustrated that biofilm cells of RO2 were distributed in a 
matrix of EPS when cultivated on all three types of membranes. Thus, it was 
hypothesized that the ability of Sphingomonas sp. strain RO2 to secrete EPS allowed 
them to stay attached on RO membranes, regardless of membrane surface roughness.   
 
5.4.5 Implications for RO operation 
It has been reported that members of the genus Sphingomonas are widely distributed in 
the environment [282]. This can be attributed to their ability to metabolize a large 
variety of organic compounds and their ability to survive and grow under oligotrophic 
or starvation conditions [282]. They have also been identified as important members of 
biofilm communities in freshwater habitats [263].  In this study, Sphingomonas sp. 
RO2 was observed to possess twitching and swarming motility, which could facilitate 
colonization on the surface of RO membranes.  This isolate grew equally well on three 
types of commonly used RO membrane, presumably due to its ability to produce 
exopolysaccharides. Thus, the genus Sphingomonas could be an important organism 
contributing to biofouling in RO membranes, and further studies are required in order 
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6.1 Abstract 
Carbon removal strategies have gained popularity in the mitigation of biofouling in 
water reuse processes, but current biofilm monitoring practices based on organic 
carbon concentrations may not provide an accurate representation of the in situ biofilm 
problem.  This study explored a submerged microtiter plate assay for direct and rapid 
monitoring of biofilm formation by subjecting plates to a continuous flow of either 
secondary effluent (SE) or biofilter-polished secondary effluent (BF).  This method 
was very robust based on a high correlation (R2 = 0.92) between biomass (given by 
A600 in the microtiter plate assay) and biovolume measurements (determined from 
independent biofilms developed on glass slides under identical conditions), and 
revealed that biomass in BF biofilms was consistently lower than on SE biofilms.  The 
influence of organic carbon content on biofilm community composition and succession 
was further evaluated using molecular tools.  Terminal restriction fragment length 
polymorphism analysis of 16S rRNA genes revealed a group of pioneer colonizers, 
possibly represented by Sphingomondaceae and Caulobacter organisms, was common 
in both SE and BF biofilms.  However, differences in organic carbon availability in the 
two waters eventually led to the selection of distinct biofilm communities.  
Alphaproteobacterial populations were confirmed by fluorescence in situ hybridization 
to be enriched in SE biofilms, while Betaproteobacteria was dominant in BF biofilms. 
Cloning analyses further demonstrated that microorganisms adapted for survival under 
low substrate conditions (e.g. Aquabacterium, Caulobacter and Legionella) were 
preferential selected in the BF biofilm, suggesting that carbon limitation strategies may 
not achieve adequate biofouling control in the long run.  
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6.2 Introduction 
The aggregation of microbial life into sessile biofilm communities is ubiquitous in 
aquatic environments. In the water treatment industry, the presence of biofilms is 
reviled for their adverse effects on water quality, pipeline corrosion and disinfectant 
consumption [139]. For water reuse systems, biofilms can also cause considerable 
reduction in permeate production from membrane-based water purification processes 
[42]. As biofilms in these systems accumulate at inaccessible locations, monitoring 
often depends on surrogate parameters like organic carbon content in the bulk solution. 
However, the relationship between organic carbon concentrations in the bulk solution 
and bacterial growth in biofilms is not always straightforward. For example, although a 
disinfected water with an assimilable organic carbon (AOC) concentration of less than 
50 µg-C/L is commonly accepted as biologically stable [38], formation of biofilms was 
still observed on pipe surfaces exposed to potable waters with AOC as low as 39 µg-
C/L [39]. Despite this uncertainty, biofilm monitoring continues to rely largely on 
organic carbon-based measurements, since simple and convenient-to-use alternatives 
for direct biofilm quantification are unavailable.  
 
While the relationship between organic carbon concentration in the bulk solution 
and biofilm formation has often been assumed to be highly correlated in the water 
reuse industry [139], the effect of carbon content on resultant biofilm architecture and 
community composition is largely overlooked. Such insights can, however, be 
important because they allow early intervention (such as in the case of pathogen 
detection) and assist in the assessment of existing control strategies. Microscopy flow 
cell studies assessing the influence of organic carbon concentration on biofilm 
structure have indicated that biofilm architecture is structurally adaptive to changes in 
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carbon concentrations [283]. Unfortunately, the conditions used are not ecologically 
relevant to water reuse systems in terms of the model organisms examined, the 
concentration levels and the substrate type. Indeed, biofilm architecture and 
community structure are believed to be determined functionally [284] by conditions 
such as the nature of the available carbon source [285]. 
 
This chapter considers the effect of organic carbon content in a context relevant 
to water reuse environments. Direct biofilm quantification is achieved using a novel 
system of submerged microtiter plates. To evaluate the applicability of this method, 
secondary effluent (SE) from a local activated sludge plant was treated using 
biological filtration (BF), and microtiter plates were exposed under continuous flow to 
allow biofilm formation in these two effluents. The reliability of this method was 
assessed by comparing biomass in these plates to independent biofilm samples 
developed on glass slides. At the same time, molecular biology tools addressing 
temporal changes in architecture and community composition of SE and BF biofilms 
were investigated in relation to organic carbon limitation imposed by biofiltration.  
 
6.3 Results 
6.3.1 Performance of biofilter treating secondary effluent 
As the concentration of DOC in the SE effluent is generally low (< 13 mg/L), a lag 
period was necessary to accumulate sufficient biomass within the biofilter. The 
biofilter was operated consecutively over two experimental periods designated Run 1 
and Run 2. Stable DOC removal of greater than 5% was achieved after 50 days in Run 
1 and 40 days in Run 2 (Figure 6.1). During subsequent operation, DOC 
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concentrations in the biofilter effluent ranged from 5 to 10 mg/L, while DOC removal 














Figure 6.1: DOC removal efficiencies of the biofilter over the entire duration of Runs 1 
and 2.  
 
On Day 72 in Run 1 and Day 86 in Run 2, biofilm samples were collected from 
microtiter plates and glass slides over a period of 12 days. In this period, commonly 
reported water quality parameters were also monitored (Table 6.1). A statistically 
significant depletion of DOC and dissolved oxygen was observed (both P-values = 
0.000 in a pair T-test), suggesting that the predominant form of catabolism in the 
biofilter was aerobic carbon oxidation. No significant reduction in either NH4+-N, NO3-
-N, NO2--N, PO43--P or SO42- occurred as a result of biofiltration (all P-values > 0.05). 
 


























 Biofiltration Limits Organic Carbon and Affects Biofilm Formation and Community Structure 
132 
Table 6.1: Performance of biofilter over the 12-day experimental period in Run 2. The 
average value of six water samples is shown together with the standard deviation. 
N.A.: not applicable. 
 
Parameter  
(mg/l where applicable) 
 
Secondary Effluent 
(Biofilter Influent) Biofilter Effluent 
DOC 8.7 + 0.3 8.0 + 0.3 
DOC removal efficiency (%) N.A. 8.2 + 0.7 
Dissolved Oxygen 6.3 + 0.2 4.1 + 0.4 
NH4+-N 6.0 + 0.4 5.6 + 0.4 
NO3--N 5.6 + 0.3 6.5 + 0.2 
NO2--N 0.9 + 0.4 0.5 + 0.0 
PO43--P 3.2 + 0.0 3.0 + 0.1 
SO42- 66.5 + 0.6 69.6 + 2.7 
pH 7.3 + 0.2 6.9 + 0.1 
   
 
 
6.3.2 Biofilm biomass as estimated by microtiter plate assay 
Biofilm biomass developed in microtiter plates is given by an A600 measurement and 
the results over 12 days are shown in Figure 6.2. In Run 1, both SE and BF biofilms 
followed similar trends and A600 consistently increased over the 12-day period. Using 
Tukey’s method for pairwise comparison, a significant increase (defined at α = 0.05) 
in A600 for both biofilms occurred every four days (e.g. A600 on Day 12 was 
statistically higher than A600 obtained on Day 8 and earlier, but not for Day 10). A 
different pattern was, however, observed in Run 2. In the case of SE biofilms, A600 on 
Days 8 and 12 were significantly higher compared to those obtained on Days 2 to 6, 
suggesting a gradual build-up of biomass. For BF biofilms, no significant difference in 
A600 was observed in all cases, except between Day 2 and 8. To evaluate the effect of 
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carbon limitation, A600 was found to be significantly reduced when cultivated in the BF 















Figure 6.2: Average absorbance at 600 nm (A600) obtained from the microtiter plate 
assay for biofilms developed using secondary effluent (•) and biofilter effluent (○). 
The error bars indicate the standard deviation. 
 
 
6.3.3 Biofilm development dynamics and quantitative biofilm analyses 
Microscopic observations of developing biofilms in Run 2 (Figure 6.3) showed a 
distinct difference in biofilm morphology. When cultivated on SE, biofilm structure 
underwent clearly-defined changes. The biofilm first developed as a single layer of 
cells, although microcolonies could be observed as early as on Day 2 (white arrows in 
Figure 6.3). Larger aggregates containing different morphotypes were subsequently 
Day 2 Day 4 Day 6 Day 8 Day 10 Day 12 Day 2 Day 4 Day 6 Day 8 Day 10 Day 12
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formed (Day 6). These aggregates grew in size, and by Day 12, the biofilm consisted 
of individual bacterial cells interspersed between colonies of varying sizes. The overall 
biofilm morphology appeared patchy and heterogeneous. In contrast, the biofilm 
developed on BF consisted of a monolayer of cells. Although the number of single 
cells increased over the 12-day period, well-defined microcolonies were not observed. 
The overall biofilm structure remained flat with bacterial cells randomly distributed 
over the glass substratum. 
 
Image analyses performed on CLSM optical stacks provided quantitative 
measures of biovolume, average thickness, surface coverage and cell surface area-to-
biovolume (S:B) ratios (Figure 6.4).  Although biovolume and average thickness 
generally increased over time in both runs, the development of BF biofilms was 
affected by organic carbon removal. Compared to their SE counterparts, the BF 
biofilms had significantly smaller biovolume (P = 0.005 in a pair T-test) and thickness 
(P = 0.006). Furthermore, biovolume measurements and A600 obtained in Run 1 were, 
to some extent, higher than those encountered in Run 2. Given the identical 
experimental conditions (e.g. temperature, EBCT, backwash conditions, DO levels, 
flow channel velocities) used in both Runs, this inconsistency might have been related 
to random variations in the quality of the SE effluent. One possibility is that larger 
amounts of suspended solids were encountered in Run 1. This could enhance biofilm 
formation by serving as both inoculum source and substrate, and thus produced 
biofilms with increased spatial size (as reflected by biovolume and A600) in Run 1. 
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Figure 6.3: The development of biofilms cultivated from secondary effluent and 
biofilter effluent on glass substratum. Microcolonies could be observed in the SE 
biofilm as early as Day 2 (white arrows), but were absent in BF biofilms. The bar was 
10 µm for all microscopic images.  
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Figure 6.4: Quantitative biofilm parameters for biofims developed in Run 1 (-----) and 
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In terms of surface coverage, both SE and BF biofilms tend to colonize a larger 
percentage of the substratum over time, but no significant difference in this parameter 
was detected between the two biofilms (P = 19.6). The S:B ratio typically declined 
over the experimental period, suggesting that the biofilms might have become more 
compact over time. A notable exception to this was the BF biofilm in Run 2, where an 
increase in S:B ratio was observed. In addition, a high R2 value of 0.92 (Figure 6.5) 
was obtained between A600 and biovolume measurements, suggesting that relatively 
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Figure 6.5: Correlation between A600 obtained from microtiter plates and biovolume 
measurements obtained from quantitative biofilm analyses using COMSTAT program. 
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6.3.4 Biofilm community structure as revealed by FISH 
FISH analyses of SE and BF biofilm samples showed that 70% to 80% of the cells 
stained by SYTO 9 could be hybridized using the Eubacteria probe mix. Using five 
different phylum- and sub-phylum-level probes, consistent trends in the community 
structure of SE biofilms were observed in both Runs (Figure 6.6). At Days 2 and 4, 
Betaproteobacteria were most abundant at > 30%. Alphaproteobacteria, 
Gammaproteobacteria, and Actinobacteria were present in percentages between 10% 
and 20%, while bacteria affiliated to the CFB cluster were minor members of the 
biofilm community (~5%). Between Day 6 and Day 10, the abundance of 
Alphaproteobacteria and CFB cluster gradually increased, and was accompanied by a 
concurrent decrease in numbers of Betaproteobacteria and Actinobacteria. By Day 12, 
Alphaproteobacteria, accounting for about 30% of biofilm biomass, replaced 
Betaproteobacteria (~ 20%) as dominant members of the SE biofilm community. 
Gammaproteobacteria remained in the range of 10% to 20% over the 12-day period. 
 
For BF biofilms, the community structure did not change markedly over the 12-
day period, during which Betaproteobacteria were always the most abundant (> 30%). 
Gammaproteobacteria were present between 10% and 20% of the biofilm community, 
while the CFB cluster generally accounted for < 10%. There was an enrichment of 
Alphaproteobacteria in Run 2, which was not observed in Run 1. 
 
















Figure 6.6: Biofilm community composition as revealed by FISH for biofilms developed in Runs 1 and 2 on SE and BF effluent. Biovolume 
obtained for each taxonomic group was expressed as a percentage of the total biovolume obtained after SYTO 9 staining. 
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6.3.5 Biofilm community structure as revealed by 16S rRNA gene clone libraries 
The 108 clones from the SE_10 biofilm were assigned to 18 phylotypes, where 
Alphaproteobacteria was the most dominant (35%), followed by Betaproteobacteria 
(27%) and those affiliated to the CFB group (10%). Two phylotypes related to 
candidate division TM7 were found (9.3%), and a single phylotype for each 
Gammaproteobacteria (6.5%), Actinobacteria (5.6%) and Firmicutes (3.7%) were also 
present. For the BF_10 biofilm, 19 phylotypes were identified from 114 clones. 
Betaproteobacteria was the most dominant (41%), followed by Alphaproteobacteria 
(24%) and Gammaproteobacteria (15%). In addition, a Spirochaetes-related phylotype 
(13%), and two others affiliated with candidate division TM7 (3.5%) were also 
detected.  
 
The phylogenetic relationship among the Proteobacteria phylotypes and those 
from the CFB cluster was established (Figure 6.7). Alphaproteobacterial phylotypes 
were predominantly related to the Sphingomonadaceae in the SE_10 biofilm, and this 
contrasted with the dominance of Caulobacter-related clones in the BF_10 biofilm. In 
the case of Betaproteobacteria, Acidovorax-related phylotypes SE191 and BF192 were 
the most abundant. 
 
The BF_10 biofilm also contained phylotypes BF23 and BF87 that were closely 
related to Aquabacterium, a genus commonly associated with biofilms of drinking 
water systems [286]. Nitrogen-fixing Azospira oryzae [287] phylotypes BF160 and 
BF161 were also observed in the BF_10, but not in the SE_10, biofilms. The 
gammaproteobacterial phylotype SE153 was related to Acinetobacter, but those from 
the BF_10 biofilm (BF74, BF89 and BF115) were related to Legionella instead. 

























Figure 6.7: Phylogenetic affiliations of 16S rRNA gene sequences retrieved from 
cloning analyses of SE_10 and BF_10 biofilms. The phylogenetic tree was constructed 
using a neighbour-joining algorithm with the Jukes-Cantor distance in MEGA3. The 
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outgroup. Bootstrap (number = 1000) values greater than 50% of the replicates are 
shown at the nodes. The abundance of individual clones was shown in parenthesis. The 
bar indicates one substitution per 20 nucleotides.  T-RFs of phylotypes digested with 
MspI, RsaI and HhaI were also shown, and those in bold could be assigned to a peak in 
the community T-RFLP fingerprints. 
 
 A comparison between the biofilm community compositions determined by 
clone libraries and FISH showed that both techniques gave similar results. 
Alphaproteobacteria and Betaproteobacteria were consistently identified as the 
dominant populations in SE_10 and BF_10 biofilms using both techniques. This may 
suggest that the biases associated with PCR-based methods did not adversely affect the 
quantification of individual bacterial populations in two biofilm samples analyzed.   
  
6.3.6 Biofilm community structure as revealed by T-RFLP 
MspI-, RsaI- and HhaI-digested T-RFLP fingerprints showed that biofilm communities 
retrieved from Days 2 and 4 tend to be more diverse compared to those retrieved after 
six days or longer. Temporal changes in MspI-digested T-RFLP patterns (Figure 6.8) 
showed that fingerprints of both SE_2 and BF_2 were characterized by the occurrence 
of a large number (~30) of minor T-RFs, among which few accounted for more than 
10% of the total biofilm community. Most of these T-RFs declined in abundance after 
Day 6. A notable exception was the 111 bp T-RF, which became the dominant T-RF in 
both samples. At the end of 12 days, the number of detectable T-RFs decreased to < 
15, reflecting a loss in species richness in both biofilm communities. 
 
Differences in the distribution of T-RFs were also observed between SE and BF 
fingerprints. For example, BF_6 and BF_10 biofilms contained T-RFs of 100- and 
130-bp, both of which were absent in SE_6 and SE_10 biofilms. The 500-bp T-RF was 
consistently detected in the SE biofilms, but was not found in all BF samples. To better 
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describe patterns of variation between T-RFLP profiles, fingerprints generated from 
restriction enzymes MspI, RsaI and HhaI were simultaneously used in cluster analysis. 
The resultant dendrogram (Figure 6.9) showed that BF_6 to BF_12 formed a single 
cluster separate from the rest of the samples. SE_2, BF_2 and BF_4 were also grouped 
together, away from the distinct SE biofilm cluster. 
 
In order to assign phylogenetic identities to the dominant peaks encountered in 
the community T-RFLP fingerprints, phylotypes from the Proteobacteria and CFB 
clusters were digested with MspI, RsaI and HhaI to obtain their corresponding T-RFs 
(Figures 7.7). From MspI-digestion analyses (Figure 6.8), the dominant 111-bp T-RF 
represented alphaproteobacterial phylotypes related to the Sphingomonadaceae (SE11, 
SE48, SE94 and BF84) and the Caulobacteraceae (SE63 and BF22). These phylotypes 
also contributed to the dominant 382-bp T-RF in community fingerprints produced by 
RsaI. Another major peak encountered in both biofilm samples was the 448-bp T-RF, 
which corresponded to Acidovorax (SE191 and BF192) in Betaproteobacteria. Other 
betaproteobacterial phylotypes in the SE_10 biofilm produced T-RFs of 401 and 451 
bp, while those from the BF_10 biofilm were associated with T-RFs of length 100, 
451, 453 and 455 bp. A 453-bp T-RF was also detected in the SE_10 biofilm, but was 
found to correspond to a gammaproteobacterium instead. This contrasted with those 
Gammaproteobacteria in the BF_10 biofilm, which were associated with T-RFs 130 
and 459 bp.  
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 SE Biofilms BF Biofilms 
Figure 6.8:  TRFLP profiles obtained from the biofilms samples collected in Run 2 on Days 2, 6 and 10 and digested with the restriction enzyme 
MspI. The relative abundance of each fragment was computed by expressing the associated peak area as a percentage of the total peak area for all 































































































































Figure 6.9: Cluster analysis of T-RFLP fingerprints of SE and BF biofilms. The 
Euclidean distance was computed after square root transformation of relative 
abundance for each T-RF, and joined by Ward’s method. 
 
6.4 Discussion 
Reduction of bacterial growth and biological fouling by organic carbon and nutrient 
removal has enjoyed widespread acceptance from industrial and process engineers. 
Earlier studies investigating the impact of organic carbon perturbations on biofilm 
development often associated a reduction in the availability of a growth-related 
substrate to biofilms that were thinner and contained less biomass compared to those 
growing under nutritionally sufficient conditions [135, 137].  Likewise, the data here 
obtained from microtiter plate experiments showed that A600 in carbon-improvished 
BF biofilms was significantly lower than in SE biofilms. Because of this well-
established relationship, the quantification of organic carbon content and its various 
important constituents like AOC has been used extensively in biofilm monitoring. 
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involved in its determination. Furthermore, the use of pure culture inoculum 
Pseudomonas fluorescens P17 and Spirillum sp. NOX is innately controversial, and an 
alternative using a natural microbial consortium has been suggested [158]. 
 
The microtiter plate assay described here avoids the drawbacks associated with 
these bioassays. Biofilm formation potential of a water sample can be assessed directly 
using indigenous microorganisms which form biofilms on the walls and at the bottom 
of a well in less than two hours. A high R2 value between A600 and biovolume 
measurements further suggests that this assay provides representative biomass 
estimates, because biovolume was independently determined using intact biofilm 
samples collected by polyacrylamide gel embedding [73].  
 
In the process of biofilm development, surface colonization is known to proceed 
by motility-assisted locomotion [34] or clonal growth [78]. In the latter case, distinct 
patterns of colonization behaviour including “spreading”, “shedding” and “packing” 
maneuvers have been described [288]. Microcolonies produced by “spreading” tend to 
be poorly-defined with cell-to-cell separations by as much as 5 to 20 µm. “Shedding” 
does not produce microcolonies because daughter cells move away from the immediate 
vicinity to colonize a new location. Surface colonization by these two maneuvers 
hence produces a non-structured assortment of single cells distributed over the surface, 
a pattern resembling the random arrangement of individual cells in the monolayer of 
BF biofilms. In contrast, microcolonies produced by “packing” tend to be dendritic and 
compact. This characteristic pattern was observed in the SE_2 biofilm where compact 
microcolonies (white arrows, Figure 6.3) were produced by some SE members, as well 
as in laboratory-cultured P. fluorescens biofilms [289] and naturally occurring pond-
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water biofilms [290]. However, the appearance of different morphotypes when 
microcolonies developed into larger aggregates suggests that recruitment of secondary 
microorganisms is also important in the development of SE biofilms.  
 
Biofilm structural development and resultant architecture has often been 
associated with substrate availability. Mathematical models [291, 292] relate a 
decrease in nutrient availability to an increase in biofilm porosity, and this has been 
repeatedly shown in mixed community biofilms [293, 294]. Likewise, the BF_12 
biofilm in Run 2 consisting of a cell monolayer with low surface coverage and high 
S:B ratio (Figure 6.4) suggests that an open architecture with a probable optimized 
cell-to-cell separation was maintained in the BF biofilm. This adaptation maximizes 
the cells’ surface area to the nutrient flow, and reduces resource competition in a 
carbon restricted environment. However, the relationship between substrate 
availability and biofilm architecture is not always predictable. In Run 1, the porosity of 
BF_12 biofilms appeared to be lower than the corresponding SE_12 biofilms. This 
discrepancy has also been noted in P. aureofaciens  and Acinetobacter  biofilms [135, 
295] cultivated under different carbon concentrations. The apparent inconsistency in 
these results suggests that biofilm architecture may have been influenced by 
microenvironmental conditions such as the localized concentration gradient of 
substrates in the hydrodynamic boundary layer. Further research using microelectrode 
probes to examine localized microenvironments [294] is anticipated to provide 
valuable data in the elucidation of the relationship between biofilm architecture and 
substrate concentration. 
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Other than affecting biofilm development, environmental perturbations in the 
availability of organic carbon sources can also lead to the selection of distinct biofilm 
communities [296]. Using T-RFLP, temporal changes in community structure or 
bacterial succession were observed in both SE and BF biofilm communities. This 
phenomenon is well researched in human dental biofilms, where biofilm formation is 
initiated predominantly by a defined group of pioneer colonizers consisting of 
actinomyces and streptococci [297]. Similarly, the emergence of pioneer colonizers 
was observed here, and they appeared to be common to both SE- and BF-cultivated 
biofilms. Likely, selection for pioneer colonizers is not affected by organic carbon 
content, but by the ability to adhere to the substratum, which can depend on several 
physicochemical parameters [298]. The ability to produce exopolysaccharides can also 
enhance cellular adhesion, and this physiological trait is common among many 
members of the Sphingomondaceae [282]. Other cellular appendages, such as the 
prosthecae on Caulobacter cells, are also known to mediate bacterial attachment [299]. 
Together with the putative identification of the 111-bp T-RF in the SE_2 and BF_2 
biofilms, Sphingomondaceae- and Caulobacter-related organisms hence appear to be 
potential primary colonizers in these biofilms.  
 
Following initial colonization, a subsequent loss in species richness suggests that 
competitive interactions exist between biofilm organisms, in which some pioneer 
colonizers are outcompeted.  As the ecological conditions in the SE and BF habitats 
were not the same, organisms with different physiological characteristics would be 
selected in the two biofilms. For example, the 100-bp T-RF in the BF biofilms was 
associated with phylotypes related to Aquabacterium. Members of this genus are 
typically found in oligotrophic environments like drinking water systems [286] where 
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bacterial activity can be severely restricted by low contents of organic carbon [300] 
and possibly, phosphorus [301].  The proliferation of Aquabacterium phylotypes in BF 
biofilms suggests that biofiltration exerts a selection pressure that favours the growth 
of organisms physiologically adapted for survival under low nutrient conditions. This 
was further supported by the exclusive occurrence of phylotypes BF74, BF89 and 
BF115 closely related to Legionella, a genus that is often found in oligotrophic fresh 
and drinking water biofilms [302].  
 
To adapt to low nutrient conditions, some organisms selected in the BF habitat 
also appeared to be metabolically versatile. For example, phylotypes (BF160 and 
BF161) associated with the 453-bp T-RF are related to Azospira oryzae known to fix 
nitrogen [287]. These phylotypes were only present in the BF biofilms, suggesting that 
nitrogen fixation can be an important feature of cell growth in localized 
microenvironments where microaerobic conditions prevail in the biofilm. The ability 
to fix dinitrogen as a source of cell nitrogen frees these phylotypes from dependence 
on fixed forms of nitrogen (like ammonia), and hence confers an ecological advantage 
for their survival in nitrogen limited environments. 
 
Despite the different ecological pressures in SE and BF niches, certain groups of 
bacteria appear to thrive in both biofilm communities. This is exemplified by the 
increase in abundance of the 111-bp T-RF possibly representing either the 
Sphingomonadaceae or Caulobacter spp. in the Alphaproteobacteria. 
Alphaproteobacterial populations were also selectively enriched at a higher rate in SE- 
than in BF-cultivated biofilms. This suggests that although the growth of these 
Alphaproteobacterial populations was affected by the removal of organic carbon using 
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biofiltration, they could still compete favorably with other biofilm bacteria, 
presumably due to their ability to catabolize a large variety of organic substrates [282, 
299]. For example, Caulobacter spp., which are known to survive under low nutrient 
conditions [299], were dominant in the BF_10 biofilm, but not in the SE_10 biofilm.  
 
Although the effect of organic carbon concentration on biofilm formation has 
been well-established, this study suggests that the correlation may not be a simple one, 
due to the selection of biofilm organisms that are adapted for survival under low 
organic carbon conditions. These organisms, including those with low nutritional 
requirements (e.g. Aquabacterium, Caulobacter and Legionella) and others that are 
metabolically versatile (Azospira and sphingomonads), tend to form open biofilm 
structures that maximize influx of nutrients into the biofilm. These adaptive strategies 
imply that carbon limitation may not be an effective barrier to biofilm growth. For this 
reason, long-term biofouling control may not be achievable using carbon limitation 
strategies alone, and it would hence be prudent to assess biofilm formation potential of 
the water sample using a combination of organic carbon-based measurements and 
direct biofilm quantification. As described, the microtiter plate assay is a powerful tool 
for direct biomass determination in terms of speed, simplicity and representation. In 
the same way, the molecular analyses of temporal biofilm communities can uncover 
useful information for the formulation of specific countermeasures. For example, 
biofouling caused by SE effluents may be more appropriately dispersed by a mixture 
of polysaccharidases than conventional oxidizing biocides, as Sphingomondaceae-
related organisms are likely to form exopolysaccharide-based biofilms. When 
incorporated as a sidestream device, the use of techniques described here is expected to 
provide insight into biofilms developed on inaccessible locations (such as in the 
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7.1 Abstract 
The use of non-toxic enzymatic or catalytic compounds to achieve biofilm control is 
environmentally desirable. In this study, the effectiveness of the AiiA enzyme, an acyl-
homoserine lactone quencher, in biofilm control was evaluated against Escherichia 
coli and four strains of Pseudomonas. Using microtiter plate cultivation, 10-hour-old 
biofilms grown in the presence of AiiA enzyme at concentrations as low as 1.5 mg/L 
demonstrated significant reductions in biomass compared to their untreated controls. 
However, when the incubation period was increased to 24 h or longer, the inhibitory 
effect was no longer apparent. Cultivation studies further revealed that AiiA enzyme 
could serve as the sole carbon and energy source for the five bacterial strains tested. To 
overcome biodegradation, a sustained supply of AiiA enzyme was maintained under 
continuous flow conditions to biofilms developed using Pseudomonas spp. B13 and 
OUS82. This strategy extended AiiA’s biofilm inhibitory efficacy up to five days. This 
study further evaluated titanium dioxide photocatalysis as a catalytic measure for 
biofilm control. Microplate-cultivated B13 and OUS82 biofilms exhibited significant 
biomass reduction after treatment with UV-irradiated TiO2 at concentrations of 0.1, 0.5 
and 1.0 mg/mL. However, the amount of biofilm biomasses remaining after treatment 
with 0.1, 0.5 or 1.0 mg/mL TiO2 did not differ significantly from one another, 
suggesting that TiO2’s catalytic activity was diffusion-limited against biofilms. The 
observation of diffusion limitation was also supported by microscopy flow cell studies, 
where B13 biofilms exposed to 1.0 mg/mL TiO2 and 1-h UV illumination continued to 
show microcolonial structures containing live biofilm cells in certain parts of the 
biofilm.  
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7.2 Introduction 
The predominant forms of microbial life found in terrestrial environments are surface-
bound biofilms. They can also accumulate in human artifacts, such as in heat 
exchangers [303], water separation membranes [42] and prosthetic devices like 
vascular catheters [304]. Once formed, biofilms adversely affect the functionality of 
these devices by acting as a source of chronic infection [47] or by causing biofouling 
and microbially-induced corrosion in other industrial scenarios [172]. To control 
biofilms, different biocides have been applied to many industrial systems [43]. 
However, the success of these strategies is often limited, indicating an increased 
resistance to antimicrobial treatment associated with the biofilm phenotype [11]. 
Further, the inactivation of biofilms using biocides originates from a medical paradigm 
that does not necessarily lead to a restoration of system/operational performance if the 
dead biomasses are not sufficiently removed from the surface [13]. Therefore, control 
measures that mediate the removal of biofilm biomass from surfaces are essential for a 
holistic management of the biofilm problem.  
 
Recent understanding into the biology of biofilms has demonstrated the 
possibility of removing biofilms through the disruption of bacterial quorum sensing 
(QS) systems. As suggested, biofilms of a Pseudomonas aeruginosa mutant deficient 
in the las QS system was readily dispersed by SDS treatment [194]. Given that N-acyl 
homoserine lactone (AHL) molecules are the key cofactors in the QS-mediated gene 
expression, limiting the ambient concentrations of AHLs through enzymatic 
degradation can be a viable strategy for biofilm control. One example is the AiiA 
enzyme, which specifically inactivates AHL molecules by hydrolyzing the ester bond 
of the homoserine lactone ring [202]. The application of the AiiA enzyme to biofilm 
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control is therefore attractive, especially with the detection of AHL-type signaling 
molecules in naturally occurring biofilms [193], which suggests the widespread 
occurrence of QS-regulated biofilms in the environment. 
 
Another catalytic agent that demonstrates great potential for the removal of 
biofilms is the semiconductor material titanium dioxide. TiO2’s antimicrobial property 
stems from its ability to produce strong and indiscriminate oxidants, such as HO· and 
O2·-, upon irradiation with UV light (< 415 nm). These photogenerated free radicals 
possess excellent antimicrobial activity as shown by their near-complete inactivation 
efficiency reported for several bacteria, including the pathogenic Salmonella 
typhimurium and P. aeruginosa [215]. Besides the bactericidal action of UV-irradiated 
TiO2, direct photocatalytic mineralization of Escherichia coli into carbon dioxide and 
water has also been reported [220]. These properties make the UV/TiO2 technology 
particularly suitable for biofilm control applications, as it achieves both surface 
disinfection and surface cleansing at the same time. However, the aforementioned 
UV/TiO2 studies have only been evaluated against planktonic bacterial cultures, but 
not biofilm cells.  
 
As the control of biofilms through the use of non-consumptive catalytic or 
enzymatic agents would be desirable in terms of economic savings, this study therefore 
investigates the effectiveness of the AiiA enzyme and UV-photocatalyzed TiO2 in 
biofilm control. The efficacy of the two treatment agents were challenged with 
Escherichia coli and several Pseudomonas strains under batch culture conditions in 
microtiter plates, and under continuous flow conditions in microscopy flow cells.  
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7.3 Results 
7.3.1 Effect of AiiA enzyme on batch-cultivated biofilms 
Biofilms of Pseudomonas sp. B13, P. putida OUS82, P. fluorescens P17, P. stutzeri 
PS1 and E. coli DH5α were cultivated in microtiter plates in the presence of 1 mM 
glucose (Figure 7.1). AiiA enzyme at 1.5 mg/L, 3.5 mg/L, 5.5 mg/L and 7.5 mg/L 
(final concentrations) were also added to determine the effect of this protein on their 
formation. After 10 h of incubation, the addition of AiiA enzyme produced a 
significant change in biofilm biomass (based on A600 measurements), although the 
effect was different for the different bacterial strains (all P values < 0.05 using 
ANOVA). Based on Tukey’s comparison, a significant reduction in biofilm biomass 
was achieved with all four concentrations of AiiA enzyme for strains B13, OUS82 and 
DH5α (all P < 0.05). For strain P17, only biofilms treated at 7.5 mg/L AiiA produced 
significant biomass reduction. In the case of strain PS1, treatment with 7.5 mg/L AiiA 
enzyme simulated biomass production instead. After 24 h, B13 biofilms grown in all 
four AiiA concentrations produced significantly more biomasses compared to its 
untreated control, while biofilms of OUS82, P17 and DH5α grown in 1.5 mg/L and 3.5 
mg/L AiiA enzyme also produced comparatively more biomasses (all P < 0.05). In 
contrast, PS1 biomasses of AiiA-treated biofilms were all significantly lower than 
those encountered in the untreated biofilms (P < 0.05). After 48 h, biomasses of P17 
and DH5α biofilms cultivated at 1.5 mg/L and 3.5 mg/L AiiA enzyme remained high 
compared to their untreated counterparts, while biomasses of PS1 biofilms treated with 
AiiA enzyme continued to remain comparatively lower (all P < 0.05). In the case of 
B13 biofilms, no significant difference was observed between AiiA-treated and non-
treated biofilms (P > 0.05 based on ANOVA).  
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Figure 7.1: Biofilm formation and planktonic growth of Pseudomonas sp. B13, P. 
putida OUS82, P. fluorescens P17, P. stutzeri PS1 and E. coli DH5α in microtiter 
plates. Biofilms were cultivated in 1 mM glucose (×) that was supplemented with 1.5 
mg/L (□), 3.5 mg/L (), 5.5 mg/L (∆) or 7.5 mg/L (○) of AiiA enzyme. Planktonic 
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Although a consistent trend relating biofilm biomass to the concentration of 
added AiiA enzyme was not obtained in this series of experiments, a stimulation of 
biofilm growth was apparent for all the five bacterial strains. This suggested that the 
AiiA enzyme was being utilized by the bacterial strains as a source of energy and 
carbon. To verify this observation, the five bacterial strains were cultivated in 
microtiter plates with AiiA enzyme supplemented (at concentrations 1.5 mg/L, 3.5 
mg/L, 5.5 mg/L and 7.5 mg/L) as the sole source of carbon and energy. Planktonic 
growths of these bacteria were then monitored by absorbance at 600 nm for at least 72 
hours (Figure 7.1 f to j). It was clear that the cell turbidity increased following a 
classical sigmoidal growth pattern. Increasing concentrations of the AiiA enzyme also 
resulted in higher levels of suspended biomass in the stationary phase, confirming that 
the AiiA enzyme was degraded by the bacterial strains to produce biomass. 
 
Therefore, the actual efficacy of the AiiA enzyme can only be evaluated if it is 
somehow protected from the bio-degradation activities of the microorganisms. One 
strategy is to increase the concentration of the more labile carbon substrates in the 
microtiter plate environment. Glucose in the culture medium was increased from 1 mM 
to 10 mM, while the AiiA concentration was increased to 10 mg/L (Figure 7.2). After 
24 h incubation, the biomasses produced by B13 and DH5α biofilms in the presence of 
10 mg/L AiiA were found to be significantly lower than their respective untreated 
controls (P values in pair-T tests were 0.000 and 0.035 respectively). The biomasses of 
AiiA-treated and untreated OUS82, P17 and PS1 biofilms, however, remained at 
similar levels (P = 0.107, 0.878, 0.612 respectively).  













Figure 7.2: Biofilm formation of B13, OUS82, P17, PS1 and DH5α in 10 mM glucose 
in the presence (filled bars) or absence (open bars) of 10 mg/L AiiA enzyme. 
 
 
Another approach to limit the bio-degradation of AiiA enzyme is to reduce its 
bio-availability in the bulk solution. This was implemented by applying the AiiA 
enzyme as a surface coat in each well of the microtiter plate. The protein was either 
directly adsorbed onto the microtiter plate surface, or adsorbed onto a poly L-lysin 
modified microtiter plate surface. Pseudomonas sp. B13 was then inoculated into the 
AiiA-modified microplates, and allowed to form biofilms for 24 hours (Figure 7.3). 
Results showed that the adsorption of AiiA enzyme onto poly L-lysin-treated 
microplates could reduce biofilm biomass to levels lower than those found on surfaces 
treated by direct AiiA adsorption, or without treatment. Although treatment with poly 
L-lysin only also affected B13 biofilm formation, the effect was not as prominent as 
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Figure 7.3: Biofilm formation of Pseudomonas sp. B13 in microtiter plate surfaces 
subjected to different treatments. AiiA enzyme was either adsorbed directly onto the 
microtiter plate surface, or adsorbed onto poly L-lyin modified surface. Biofilms were 
also developed on control surfaces containing only poly L-lysin or no treatment.  
 
 
7.3.2 Effect of AiiA enzyme on biofilms cultivated under continuous flow conditions 
Green fluorescently-tagged Pseudomonas sp. B13 and P. putida OUS82 were 
cultivated as pure culture biofilms in microscopy flow cells. The developmental events 
in biofilm formation were quantitatively monitored under confocal laser scanning 
microscopy at regular intervals (Figure 7.4). Based on the biovolume of B13 and 
OUS82 biofilms, those cultivated in the presence of 10 mg/L AiiA enzyme in the bulk 
solution initially contained smaller amounts of biovolume. This effect was apparent for 
at least seven days in B13 biofilms (Figure 7.4a), and for up to four days in OUS82 
biofilms. However, AiiA-treated OUS82 biofilms were indistinguishable from the 
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As surface modification by the AiiA enzyme was shown to affect biofilm 
formation in microtiter plates (Figure 7.3), glass slides were coated with a thin layer of 
AiiA enzyme by direct adsorption onto a poly L-lysin treated glass surface or by 
covalent linkages between carboxyl groups in the enzyme and amine groups on a 
functionalized glass surface. They were then used as the biofilm substratum in 
continuous flow cell systems to monitor their effect on B13 and OUS82 biofilm 
development respectively. Figures 7.4 (c) and (d) indicate that both methods of AiiA 
coating could result in a reduction in biovolume. For the B13 biofilms, differences in 
biovolume could be observed for up to five days after inoculation (Figure 7.4c). 
However, after seven days, the B13 biofilm that was growing on the AiiA-treated glass 
surface had biovolumes greater than those attained by the untreated control. Likewise, 
OUS82 biofilms growing on AiiA-modified glass substratum had lower biovolumes 
compared to the untreated control only during the first four days of biofilm formation. 
Subsequent biovolume levels then increased to those above the untreated control 
biofilm (Figure 7.4d).  
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Figure 7.4: Treatment of B13 and OUS82 biofilms by AiiA enzyme (○) in microscopy 
flow cells and their respective untreated controls (□). Biofilms of B13 (a) and OUS82 
(b) were cultivated under continuous flow conditions in 10 mg/L AiiA enzyme 
supplemented in the bulk solution. AiiA enzyme was also coated onto glass substratum 
either by adsorption onto a poly L-lysin treated glass slide (c) or by covalent linkages 
between carboxyl groups in the enzyme and amine groups on a functionalized glass 
slide (d).  
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7.3.3 Effect of TiO2 photocatalysis on batch-cultivated biofilms 
Twenty-four-hour biofilms of strains B13 and OUS82 were cultivated in microtiter 
plates, and treated using 0.1 mg/mL, 0.5 mg/mL or 1.0 mg/mL TiO2 either  under UV 
(at 365 nm) illumination or in the dark for 1 h. Crystal violet staining (A600) was used 
to assess the effect of these treatments on biofilm biomass (Figure 7.5). For B13 
biofilms, an immediate decline in their biomass was observed when TiO2 was added 
into the microtiter plate, regardless of whether UV illumination was performed. At 
each TiO2 concentration, B13 biofilms that were illuminated with UV light contained 
smaller amounts of biomasses compared to the corresponding biofilms incubated in the 
dark. In the same way, UV-illuminated TiO2 resulted a decline in biomass for OUS82 
biofilms at all three concentrations tested.  
 
Based on a two-way analysis of variance (ANOVA), the interaction between 
UV illumination and TiO2 concentrations was found to be significant for the reduction 
in biofilm biomasses (P values < 0.05 for both B13 and OUS82 biofilms). However, 
Tukey’s pairwise comparison showed that the biomasses associated with UV-
irradiated TiO2 at concentrations 0.1 mg/mL, 0.5 mg/mL and 1.0 mg/mL were not 
statistically different from each other for both B13 and OUS82 biofilms (all P-values > 
0.05). 


























 TiO2 Conc (mg/mL) 
 
 
Figure 7.5: Effect of 0.1 mg/mL, 0.5 mg/mL and 1.0 mg/mL TiO2 on biomasses (n=8) 
of B13 (∆) and OUS82 (□) biofilms. The 24-h biofilms were exposed to TiO2 for 1 h 
either in the dark (–) or under UV illumination (---). The standard deviations are shown 
above and below the data points for B13 and OUS82 biofilms respectively. 
 
7.3.4 Effect of TiO2 photocatalysis on biofilms cultivated in continuous flow cell 
systems 
To directly observe the effects of TiO2 photocatalysis on the inactivation of biofilm 
cells, 4-day old biofilms of strains B13 and OUS82 were cultivated in microscopy flow 
cells, and exposed to the different combinations of UV (irradiation time = 1 h) and 
TiO2 (1.0 mg/mL) treatments. Live/Dead BacLight® was used to visualize the 
distribution of dead cells in the biofilm under confocal microscopy. For untreated B13 
biofilms, the majority of the dead cells were found in the interior of their ball-shaped 
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of these microcolonial structures (white arrows in Figure 7.6b), and the biofilm mostly 
consisted of randomly distributed cells arranged in one structurally disorganized layer 
(Figure 7.6b). However, some intact microcolonies made up of largely live cells could 



















Figure 7.6: Distribution of live (green) and dead (red) cells in Pseudomonas sp. B13 
biofilms. Dead cells were found predominantly in the centre of microcolonies in the 
untreated biofilm (a). Treatment with UV-irradiated TiO2 led to the dissolution of 
microcolonies (white arrows) (b), but some continued to persist in certain parts of the 
biofilm (c). The bar represents 10 µm in all images.   
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When the percentage of dead cells in the biofilms was quantitatively 
determined using the COMSTAT program, the background level of dead cells in B13 
biofilms was found to be 13% (Figure 7.7). Treatment with 1 mg/mL TiO2 in the dark, 
or with 1-h UV (at 365 nm) irradiation increased the proportion of dead cells in the 
B13 biofilms to 29% and 44% respectively. When B13 biofilms were exposed to a 1-h 
treatment of UV-irradiated TiO2 (1.0 mg/mL), the inactivation percentage further 
increased to >70%. Based on a two-way ANOVA, the interaction between UV 
illumination and TiO2 contributed significantly to the inactivation of B13 biofilm cells 
(P = 0.014). However, in areas of the B13 biofilm where intact microcolonies 























Figure 7.7: Average percentage inactivation of B13 () and OUS82 (□) biofilms 
cultivated in microscopy flow cells for four days using different treatments. The 
percentage of dead biofilm cells in microcolony-dense areas of the B13 biofilm (¡) is 
much lower than the corresponding average percentage inactivation. The standard 
deviations of B13 biofilms are represented by bars above the data points, while those 






























1 mg/mL TiO2 +
1 hr UV
1 mg/mL TiO2 1 hr UV No Treatment
 Control of Biofilms Using Enzymatic and Catalytic Agents 
167 
In the case of OUS82 biofilms, the percentage of dead cells increased slightly 
from a basal level of 7% to 8% upon irradiation with UV light. Addition of 1 mg/mL 
TiO2 alone inactivated 11% of the OUS82 cells, but when the biofilm was exposed to 
both TiO2 and UV light together, the inactivation percentage reached 73%. Again, two-
way ANOVA demonstrated that the interaction between UV illumination and TiO2 
was significant in the inactivation of OUS82 biofilm cells (P = 0.000). 
 
7.4 Discussion 
With the implication of QS in biofilm formation [193, 194], disrupting QS to achieve 
biofilm control has generated substantial scientific attention in recent years [305]. In 
this study, the AiiA enzyme  encoded by the aiiA gene of Bacillus sp. 240B1 was used 
to quench the activity of AHL signaling molecules [201]. To determine its minimum 
inhibitory concentration, the effect of AiiA was assessed at various concentrations 
against biofilms of five bacterial species in microtiter plates. Although inhibition of 
10-h B13 and OUS82 biofilms was apparent at AiiA concentrations as low as 1.5 
mg/L, biomass levels of the other AiiA-treated biofilms at 24 h or longer were higher 
than their respective controls. The possibility that the enzyme is biologically degraded 
was confirmed in batch cultures where using AiiA enzyme as the sole source of carbon 
and energy led to increases in biomass levels.  
 
The biodegradation of the AiiA enzyme poses a particular problem for the 
interpretation of data relating AiiA activity to biofilm formation. However, this effect 
has not been previously reported, presumably because most of the earlier studies has 
introduced the AiiA enzyme indirectly to the environment via aiiA gene-transformed 
hosts (for examples, see [202, 306, 307]). While this approach ensures that the enzyme 
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is continuously produced to maintain AHL-lactonase activity, the introduction of 
genetically modified organisms into the environment is not widely acceptable for 
ecological reasons. Therefore, in this study, the AiiA enzyme was added directly to the 
biofilms in a way similar to that used for halogenated furanones, another QS blocker 
derived from the red alga Delisea pulchra [308, 309]. The furanone molecules were 
shown to inhibit swarming motility in Serratia liquefaciens, and consequently, affected 
surface colonization and biofilm formation [276]. Likewise, addition of 10 mg/L AiiA 
enzyme affected the biofilm formation of two Pseudomonas spp. with those exposed to 
AiiA containing significantly smaller amounts of biovolume compared to the untreated 
biofilms for up to five days. Although the reduction of biofilm biovolume is not 
commonly associated with QS interfering treatments (e.g. [194, 310]), it has also been 
observed in E. coli [311], P. aeruginosa [312], and environmentally derived marine 
biofilms [313] subjected to furanone treatment. One explanation for this observation is 
that the treatment disrupts QS-mediated twitching [200] or swarming motility [311], 
and hence impairs surface colonization and increases biomass sloughing.  
 
For P. putida OUS82 biofilms, AiiA’s inhibitory effect was negated after five 
days of cultivation regardless of whether the enzyme was administered by perfusion in 
the bulk solution or by surface coating of plates/glass slides. Although the reason for 
this phenomenon has not been thoroughly investigated, it is conceivable that the 
enzymatic activity of the AHL-lactonase may have been affected by the 
microenvironmental conditions in the OUS82 biofilm. For example, it is known that 
AiiA’s AHL-lactonase activity is optimal between pH 6 to 9, but enzymatic activity is 
lost at pH 5 due to the loss of protein conformational structure [314]. Further, biofilm 
formation by P. putida has been related to a variety of factors other than QS, including 
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amino acid metabolism, biosynthesis of extracellular polysaccharides and 
lipopolysaccharides, as well as production of pili-related organelles [65]. This suggests 
that other cellular mechanisms may control biofilm formation in strain OUS82, and QS 
is just one aspect of a multi-faceted biofilm formation process. The effects of AiiA 
enzyme would thus differ with different bacterial species, as demonstrated for 
Pseudomonas sp. B13 and P. putida OUS82 in this study. 
 
Other than the AiiA enzyme, another environmentally sustainable antimicrobial 
agent is the semiconductor material TiO2. To exploit its near ideal physical and 
chemical properties, it has been used as an alternative disinfection agent since 1985 
[210]. While there have been extensive reports documenting the success of TiO2 
phototcatalytic oxidation against planktonic cell cultures, its bactericidal efficacy 
against biofilm cells has not been adequately described. In this study, we observed that 
TiO2 photocatalysis produced a significant reduction in the biomasses of both B13 and 
OUS82 biofilms at all three TiO2 concentrations tested in the microtiter plate assay 
(Figure 7.5). However, biofilm biomasses remaining after photocatalytic treatment 
were not significantly different at the three TiO2 concentrations used. This constitutes 
an important difference from planktonic cell inactivation studies where killing 
efficiency is generally proportional to TiO2 dosages [207, 209, 212]. The results here 
therefore suggest that its inactivation efficacy against biofilm cells may be diffusion 
limited. Indeed, it is well-established that biofilms are generally more resistant to 
antimicrobial action due to diffusion limitation imposed by the extracellular matrix, 
which can also chemically and/or enzymatically modify the antimicrobial agent [11]. 
In the same way, penetration of photogenerated free radicals into the surface-
associated biofilm cells may be restricted by the EPS matrix.  
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To better understand the action of UV-photocatalyzed TiO2 on biofilms, 
biofilms treated with TiO2 photocatalysis were directly visualized under confocal 
microscopy to determine the proportion and distribution of live and dead cells (Figure 
7.6). For the B13 biofilm that is typically made up of discrete, ball-shaped 
microcolonies, treatment with TiO2 photo-oxidation resulted in a structurally 
disorganized biofilm where live and dead cells were randomly distributed. This 
indicates the dissolution of microcolonial structures, presumably mediated by 
photogenerated oxidants that break down biofilm EPS and disintegrate the 
microcolonies into individual cells. However, in some small regions of the biofilm, 
ball-shaped microcolonies containing high concentrations of live cells persisted (albeit 
at smaller sizes) even after 1 h of TiO2 photocatalytic treatment.  
 
The localization of live cells within these microcolonies reinforces earlier 
observations that TiO2 photocatalyic efficacy can be diffusion limited against biofilms. 
This has important implications for the application of TiO2 photocatalytic technology 
in biofilm control. As many approaches addressing disinfection efficacy of TiO2 
photocatalysis have been optimized based on data with suspended bacterial cultures 
[207, 209, 210, 215], these conditions may not be entirely applicable for surface-
associated biofilm communities where biomass densities are high and localized. For 
example, a TiO2 dosage of 1.0 mg/mL exposed to 1 h of UV light is generally 
sufficient to achieve near complete inactivation of a variety of planktonic bacterial 
cultures including E. coli, P. aeruginosa, Salmonella typhimurium and Enterobacter 
cloacae [207, 212, 215]. However, when similar conditions were used here, only ~70% 
inactivation of total biofilm cells was achieved. Further, if TiO2 photocatalysis is 
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employed against environmental biofilms (such as those found on water purification 
membranes), competitive consumption of the non-specific photogenerated oxidants by 
other biological/organic contaminants (present either in suspended or surface-bound 
form) must be considered [206]. In such cases, the introduction of chemical additives, 
such as oxygen [207] or hydrogen peroxide [206], may be required to generate 
sufficient free radicals to reach the sessile biofilm layer.  
 
The use of AiiA enzyme or TiO2 photocatalyst as biofilm control agents is 
economically attractive because they are supposedly non-consumptive catalytic agents. 
It is unfortunate that the AiiA enzyme is biodegradable, and cannot be applied as a 
surface coating. Although we have demonstrated that its addition into the bulk solution 
can represent an operationally simple and practically feasible option, this approach can 
be costly, as the AiiA enzyme cannot be recovered. On the other hand, TiO2 is a 
cheaply available compound that can be reused repeatedly. However, its photocatalytic 
efficiency is substantially reduced against surface-bound biofilms, and further 
optimization in terms of TiO2 dosage, UV light intensity, irradiation time, and 
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8.1 Conclusions 
8.1.1 Community structure analysis of reverse osmosis membrane biofilms and the 
significance of Rhizobiales bacteria in biofouling 
Community structure analyses of three membrane biofilms revealed that the dominant 
bacterial populations are affiliated with members of the order Rhizobiales, a group of 
organisms that hitherto has not been described in membrane biofilm communities. 
Reasons for their ecological success in the membrane biofilm environment become 
apparent upon subsequent examination. These Rhizobiales are metabolically the most 
versatile of the bacterial isolates recovered from the MBR-RO biofilm, and can 
degrade amino acids, a major class of carbon substrate found in the MBR-RO habitat. 
Further, many of the Rhizobiales genera, including Bosea, Ochrobactrum, Shinella, 
Rhodopseudomonas and Xanthobacter, are capable of nitrate and/or nitrite respiration, 
which can confer a competitive advantage in the largely anoxic MBR-RO 
environment. The prevalence of these Rhizobiales organisms, together with their 
metabolic advantages, suggests that they are an important group of bacteria responsible 
for biofouling in water purification membrane systems. 
 
8.1.2 Biofilm formation characteristics of bacterial isolates retrieved from a reverse 
osmosis membrane 
All four RO bacterial isolates examined in this study are able to produce biofilms on 
abiotic surfaces, albeit to different extents. Biofilm formation by isolates 
Microbacterium sp. RO18 and Dermacoccus sp. RO12 appears to be mediated by their 
high cell surface hydrophobicity, while the Rhizobiales isolate Rhodopseudomonas sp. 
RO3 possesses low surface charges, which can presumably facilitate bacterial 
adhesion. Three of the four isolates (Sphingomonas sp. RO2, strain RO3 and strain 
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RO12) are not motile by swimming, suggesting that swimming motility is not required 
for the initiation of contact with the membrane surface. However, Sphingomonas sp. 
RO2 is motile by twitching and swarming, which can potentially enhance surface 
colonization of the membrane substratum. This property, together with its ability to 
produce large amounts of exopolysaccharides, may explain why biofilm formation of 
strain RO2 occurs independently of membrane surface characteristics like micro-
roughness, hydrophobicity and zeta potential. 
 
8.1.3 Biological filtration limits carbon availability and affects downstream biofilm 
formation and community structure 
Biological filtration of a secondary wastewater results in a DOC removal of 8% in the 
bulk solution. This is sufficient to produce a statistically significant effect on 
downstream biofilms as assessed by a system of submerged microtiter plates and glass 
slides. Biofilm biomass levels in submerged microplates exposed to biofilter effluent 
were significantly lower than those produced in untreated secondary wastewater and 
this was confirmed by microscopic observation of the biofilms produced on glass 
surfaces that were concurrently immersed in the two wastewater streams. When 
microbial community analyses were performed on biofilms retrieved from the glass 
slides, microbial succession was observed in both the SE and BF communities. 
Nascent biofilms were formed by a common group of pioneer colonizers (possibly 
represented by organisms related to Sphingomonadaceae and Caulobacter), but the 
disparity in organic-carbon concentrations subsequently led to the selection of distinct 
biofilm populations with Alphaproteobacteria and Betaproteobacteria being dominant 
in the SE and BF biofilms respectively. The preferential selection of organisms 
adapted for survival under low-substrate conditions (e.g. Aquabacterium, Caulobacter 
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and Legionella) in the BF biofilm also suggests that organic carbon content may not 
adequately predict the extent of biofilm formation in the long run. Therefore, organic-
carbon-based measurements would be more appropriately complemented with direct 
biomass quantification methods like the submerged microtiter plate assay described 
here. 
 
8.1.4 Control of pure culture biofilms using enzymatic and catalytic antimicrobial 
agents 
AiiA enzyme and TiO2 were investigated as potential enzymatic and catalytic agents 
for biofilm control. Inhibition of biofilm formation was achieved when AiiA enzyme 
at concentrations between 1.5 to 7.5 mg/L were incubated together with two 10-h 
Pseudomonas biofilms. However, the AiiA enzyme became biodegraded when the 
incubation period extended beyond 24 h in a microtiter plate system. To overcome 
biodegradation, fresh AiiA enzyme (at 10 mg/L) was introduced to developing 
biofilms under continuous flow conditions. This improved its biofilm inhibitory 
activity to four days or longer. For TiO2 photocatalytic treatment, significant reduction 
in biofilm biomass was achieved using UV-irradiated TiO2 at concentrations between 
0.1 mg/mL to 1.0 mg/mL. Live/Dead stained biofilm cells revealed that >70% of the 
biofilm cells were inactivated using 1.0 mg/mL TiO2 irradiated with UV light for 1 h. 
However, the continued persistence of microcolonies in some regions of the 
Pseudomonas sp. B13 biofilm after TiO2 photocatalytic treatment suggests that the 
non-specific photogenerated oxidants may be diffusionally limited against biofilms.   
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8.2 Recommendations 
Several aspects in this study have been identified which merit further clarification in 
continued research. In particular, an improved understanding for the formation of 
biofilms during biofouling of membrane surfaces is required for the formulation of 
novel control strategies. Specifically, the areas that warrant future research include: 
 
8.2.1 Biofilm formation and development under conditions emulating full-scale 
membrane operations 
In the current study, biofilm formation and development on membrane surfaces was 
analyzed under carefully controlled, laminar flow conditions. Such experimental 
conditions represent substantial deviations from actual RO membrane conditions 
where biofilms are developed under operating pressures greater than 200 psi. A short-
circuiting of bacterial transport and adhesion processes by convective permeate flow 
can alter biofilm physical structure and architecture, especially with concomitant 
colloidal and organic fouling. To better correlate biofouling to membrane operational 
conditions, a flow cell system mimicking actual membrane processes (e.g. in terms of 
operating pressure, hydraulic flow and salt rejection) can be designed to enable the 
monitoring of in-situ biofilm developmental events and biofilm physical structure. To 
investigate the interactions between various biofilm organisms and the possibility of 
interspecies cooperation, multi-species biofilms can also be developed using real 
process waters (such as secondary treated domestic wastewater) in this membrane flow 
cell. Further, existing correlations between membrane surface characteristics and the 
extent of biofilm formation can be reevaluated under the more realistic conditions 
offered by this pressurized flow cell system using different membrane materials.  
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8.2.2 Genetic regulation of biofilm formation on membrane surface 
The transition from planktonic bacteria to surface-associated biofilms is a complex 
process regulated by distinct genetic pathways and different environmental signals. 
Current understanding of biofilm formation, however, has been derived from 
medically relevant microorganisms, and little is known about the genetic regulation of 
environmentally developed biofilms. In this study, biofilm formation characteristics of 
RO isolates have been analyzed based on their cell surface properties and the 
expression of motility, but the underlying genetic regulation for biofilm formation 
remains to be determined. Further, biofilm cells in the RO environment are also 
subjected to high pressure, suggesting that biofilm physiology in this environment may 
be quite different from the previously described phenotypes. Comparative gene 
expression or proteomic analysis can be performed on ecologically significant isolates 
to understand the genetic regulation of biofilm formation and development. Such 
information is also important, especially when strategies that target to control biofilm 
formation at a genetic level (such as QS quenchers or antagonists) are used.  
 
8.2.3 Conventional and novel biofilm control strategies 
In this study, a number of conventional and novel biofilm control measures have been 
evaluated. Using biological filtration to limit organic carbon availability, the resultant 
downstream biofilms were found as thin cell monolayers with an open structure that 
maximizes access to nutrients. Although biofiltration failed to prevent biofilm 
formation, the substantial reduction in biofilm biomass can potentially make the 
biofilm more susceptible to disinfection and dispersal. Therefore, an anti-fouling 
strategy based on the biological pretreatment of feedwater together with a rigorous 
biocide- and surfactant-based membrane cleaning program should be systematically 
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investigated to determine its efficacy in the mitigation of membrane biofouling. 
Further, organic carbon limitation also appears to select for certain Sphingomonas 
organisms that produce exopolysaccharides and form biofilms independent of 
membrane surface properties. Thus, biofilm dispersal through the addition of 
polysaccharidases to membrane processes should also be examined.  
 
A novel control measure involving TiO2 photocatalysis of biofilm cells has also 
been investigated in this thesis. While both biomass inactivation and biofilm dispersal 
were demonstrated, the incorporation of UV irradiation in the highly confined space of 
spiral-wound RO membranes constitutes a pragmatic constraint that requires further 
research and development before it can be practically viable. In addition, the effect of 
TiO2 nanoparticles on membrane performance is largely unknown. Possible 
detrimental effects, such as membrane damage caused by the photogenerated free 
radicals and colloidal fouling contributed by the TiO2 particles themselves, should 
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